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ABSTRACT 

As blood flows through blood vessels, the fluid exerts a shear stress on the endothelial 

cells that line the vasculature. The current perception in the literature is that all endothelial cells 

will align and elongate in the direction of applied fluid shear stress. This response to fluid shear 

stress has been observed primarily in endothelial cells that line larger blood vessels, with little 

information on the response of microvascular endothelial cells. A few recent studies have found 

that some microvascular endothelial cells respond differently than larger endothelial cells, but 

there is still little information on the response of most microvascular endothelial cell types. 

Therefore, this study investigated the morphological response of human dermal microvascular 

endothelial cells (HMEC-1) to steady, unidirectional, and laminar flow resulting in fluid shear 

stresses of 0.3, 16, and 32 dyn/cm2. Confluent monolayers of HMEC-1 were exposed to fluid 

shear stress for 73 hours. Images of the live cell membrane and stained nuclei were captured 

hourly across the slide. These images were then processed and segmented using FIJI to calculate 

five morphological parameters: orientation with respect to flow direction, inverse aspect ratio, 

circularity, area, and perimeter. The results of this study demonstrate the complex morphological 

response of HMEC-1 that is dependent on fluid shear stress as it increased above 16 dyn/cm2. 

HMEC-1 showed a slight increase in elongation and alignment from 0.3 to 16 dyn/cm2. There 

was a decrease in elongation and no change in alignment as fluid shear stress increased further 

from 16 to 32 dyn/cm2. This novel, preliminary study contributes to filling the gap in the 

literature on the response of microvascular endothelial cells to fluid shear stress. Future work 

could investigate the mechanisms behind this morphological response through analysis of 

cytoskeletal reorganization and genetic regulation of functional HMEC-1 genes, such as those 

involved in angiogenesis.  
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CHAPTER 1 

INTRODUCTION 

1.1 Background and Motivation 

Blood vessels facilitate the transport of the nutrients, oxygen, specialized cells, and waste 

products within the blood. These vessels are formed from several layers of tissue. The innermost 

layer, called the endothelium, is comprised of endothelial cells that regulate the delivery of blood 

to tissues and organs. Because these cells line the vasculature of every organ system and are in 

direct contact with blood, they are involved in many diseases. Endothelial cells can be directly or 

indirectly involved in the initiation and progression of disease, including cardiovascular disease 

[1], cancer [2], diabetes [3], and infectious diseases caused by foreign agents entering the body, 

such as COVID-19 [4]. 

There are many different endothelial cell types, with each type of cell lining a different 

type of blood vessel. The cells vary in size, shape, location, and function. The largest vessels are 

the veins and arteries, and the cells that line the veins and arteries are the largest vascular 

endothelial cells. These cells include human umbilical vein endothelial cells (HUVEC) and 

bovine aortic endothelial cells (BAEC). HUVEC line the umbilical vein that provides nutrients to 

a developing fetus. BAEC line the cow aorta, which is the largest artery and responsible for 

transporting nutrient-rich blood out of the heart. These endothelial cell types are the most 

common ones used to study endothelial cell behavior in a laboratory. 

The arterioles, venules, and capillaries are much smaller than arteries and veins and are 

called the microvasculature to indicate their small size. Human dermal microvascular endothelial 

cells line the capillaries underneath the skin and are involved in initiating the wound healing 

process in the skin by creating new blood vessels, whereas human brain microvascular 
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endothelial cells line the capillaries at the blood-brain barrier and regulate the transport of 

substances into the brain. Regardless of size, all endothelial cells are continuously subjected to 

blood flowing over them as blood travels through the system of interconnected blood vessels.  

As blood flows through the blood vessels, it exerts a frictional force on the endothelial 

cells that acts parallel to cells, which results in a shear stress being exerted on the endothelial 

cells. Shear stress describes a force that is distributed across the surface of an object in the 

parallel direction to the object. The shear stress exerted by blood flow is called a fluid shear 

stress, because the blood is a fluid that is exerting the frictional force. This fluid shear stress is 

demonstrated in Figure 1.1.  

 

Figure 1.1: Illustration of fluid shear stress in blood vessels. The blood vessel shown is 

illustrated with the endothelial cells lining the inner wall of the vessel. The blood flow profile is 

shown in blue. This blood flow results in a fluid shear stress (in gray) being exerted on the 

endothelial cells lining the vessel. 

 

Endothelial cells can sense and respond to fluid shear stress structurally and functionally. In fact, 

this shear stress is an important regulator of endothelial cell functions, which include regulating 

the delivery of blood to tissues, regulating the dilation and constriction of the blood vessels, 

aiding in the immune response, and initiation of wound healing [5]. 

The current perception in the literature is that all endothelial cells will respond by 

aligning and elongating in the direction of the applied fluid shear stress [6]. This has been 
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observed in endothelial cells that line larger blood vessels, such as the previously mentioned 

HUVEC and BAEC, but fewer studies have investigated the response of microvascular 

endothelial cells. In contrast with the traditional perception, some recent studies have found that 

certain types of microvascular endothelial cells, such as those that line the human blood-brain 

barrier and mouse heart, do not respond the same as larger endothelial cells. Instead of aligning 

and elongating, these cells did not appear to change their morphology, which included shape, 

size, and orientation, in response to the shear stress [7-10]. 

Very few studies have investigated the impact of fluid shear stress on dermal 

microvascular endothelial cells, which are responsible for initiating the formation of new blood 

vessels in the skin. New blood vessels are formed through the creation of new capillaries, which 

branch off from pre-existing capillaries [11]. The development of new blood vessels is a critical 

step in the wound healing process, implicated in the growth and spread of cancer tumors, and 

involved in the progression of viruses, such as COVID-19 [12- 14]. Investigating the response of 

dermal microvascular endothelial cells to fluid shear stress is the first step to investigate the 

impact of fluid shear stress on the formation of new blood vessels and wound healing, which 

would have applications in tissue engineering, prosthetics, diabetes research, and cancer 

research.  

1.2 Objective of Research 

Therefore, the objective of this work is to determine if steady, unidirectional fluid shear 

stress causes changes in the morphology of dermal microvascular endothelial cells. The purpose 

of this research is to contribute to filling the current gap in the literature on the response of 

human dermal microvascular endothelial cells to fluid shear stress.  
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The objective was met by the following procedures. Dermal microvascular endothelial 

cells were exposed to fluid shear stress for 73 hours. Three levels of shear stress were used: 

approximately zero (0.3 dyn/cm2), low (16 dyn/cm2), and high (32 dyn/cm2) shear stress. Images 

of the cell membranes and nuclei were captured hourly for the duration of the applied shear 

stress. The images were then processed to measure the orientation, shape, and size of the 

membranes and nuclei. Finally, statistical analysis was used to determine if the orientation, 

shape, and size differed as fluid shear stress increased or over time under each fluid shear stress 

level. These results will demonstrate the morphological response of dermal microvascular 

endothelial cells to varying levels of fluid shear stress and contribute to filling the gap in the 

literature on this topic. 

1.3 Thesis Organization 

This research will provide novel information on the relationship between dermal 

microvascular endothelial cell morphology and fluid shear stress. Chapter 2 provides an 

overview of the current literature on the relationship between fluid shear stress and endothelial 

cell morphology and function. It also illustrates the gap in the literature on the response of 

microvascular endothelial cells and the differences between endothelial cell types in structure 

and function. Chapter 3 provides the methodology for the fluid shear stress exposure and 

imaging of cellular and nuclear morphology in this research. This chapter then discusses the 

selection of fluid shear stress values, imaging frequency and duration, and other choices made in 

the development of this methodology. Chapter 4 provides the image processing methodology 

that was performed to measure the morphology from the nuclear and cellular images. It also 

provides the statistical analysis that was performed on the measured morphology with respect to 

increasing fluid shear stress and increasing time. Results on the overall distribution of the data 
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are presented in this chapter. Chapter 5 presents the effects of fluid shear stress and time on the 

cellular and nuclear morphology of dermal microvascular endothelial cells. Chapter 6 interprets 

the results by comparing the cellular and nuclear response of dermal microvascular endothelial 

cells to fluid shear stress over time. This chapter also compares the morphological response of 

dermal microvascular endothelial cells to other endothelial cell types. Chapter 7 summarizes this 

research and establishes future directions that would allow for a better understanding of the 

effects of fluid shear stress on dermal microvascular endothelial cells.  

  



6 

 

CHAPTER 2 

LITERATURE REVIEW 

2.1 Endothelial Cells: Role in Vascular Homeostasis and Disease 

 Endothelial cells line the vasculature in the lymphatic and circulatory systems. For the 

rest of this review, the term “endothelial cells” will refer to the endothelial cells of the 

circulatory system. There are numerous types of endothelial cells, with each one classified by its 

specific blood vessel type and location within a specific tissue or organ. These cells range in size 

from those that line the smallest blood vessels, referred to collectively as the microvasculature, to 

those that line the largest artery in the body, the aorta. In the literature, commonly studied 

endothelial cell types include human umbilical vein endothelial cells (HUVEC), bovine aortic 

endothelial cells (BAEC), and human aortic endothelial cells (HAEC). HUVEC line the 

umbilical vein, BAEC line the cow aorta, and HAEC line the human aorta.  

Endothelial cells are important regulators of vascular homeostasis through sensing and 

responding to mechanical and chemical signals in their environment, thereby maintaining 

homeostasis in the arteries, veins, and capillaries of the various organs throughout the body [15]. 

Common functions of endothelial cells include regulation of vascular tone through the 

production of vasodilators [16] and vasoconstrictors [17], transportation of molecules and cells 

between the blood and tissues [18, 19], vascular inflammation [20], formation of new vasculature 

through angiogenesis [21], and homeostasis of the blood through thromboresistance [22].  

 Due to their location in the vasculature, dysfunction of the endothelium has been 

implicated in the pathogenesis of many diseases, including cardiovascular disease [1], cancer [2], 

diabetes [3], and infectious diseases, such as COVID-19 [4]. Cardiovascular disease risk factors, 

such as diabetes, hypertension, hypercholesterolemia, metabolic syndrome, and smoking, can 



7 

 

result in an increase of reactive oxygen species production, which leads to oxidative stress and 

impairs endothelial cell function in vascular permeability and tone [23-25]. This impaired 

function can lead to the development of atherosclerosis, coronary artery disease, ischemia, or 

other cardiovascular complications [26, 27]. 

Blood flow disturbances and regions of low circulation have been implicated in 

atherosclerosis [28, 29] and the dysfunction of the endothelium [30]. Blood flow is one of the 

environmental cues to which endothelial cells respond by altering their gene expression, 

resulting in functional changes within the cells [31, 32].  

2.2 Fluid Shear Stress Induced by Blood Flow 

As blood flows through a blood vessel, the fluid exerts a force on the inner wall of the 

vessel that is parallel to the wall and in the direction of the blood flow. This results in a fluid 

shear stress on the endothelial cells lining the wall. Stress describes a force being distributed 

across the area of an object. Shear stress is a particular type of stress in which the force acts 

parallel to the surface of the object. In blood vessels, the force is the friction of blood flowing 

across the endothelium and acts in the parallel direction of the endothelium. 

Shear stress has both magnitude, which is directly related to blood flow and blood 

viscosity and inversely related to vessel radius, and a direction, which depends on the blood flow 

direction [33]. Thus, endothelial cells lining large blood vessels, such as the large veins,  that 

experience low flow are under a lower shear stress, whereas endothelial cells lining small blood 

vessels, such as arterioles and capillaries, that experience a high flow are under a higher shear 

stress. 

In fluid dynamics, flow can be categorized as either laminar or turbulent. In laminar flow, 

the particles that make up the blood flow smoothly. This flow can be steady or pulsatile. Steady 
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flow is unvarying over time. In pulsatile flow, the flow periodically increases and decreases in 

the same rhythmic pattern over time. Turbulent flow occurs when the particles that make up the 

blood do not flow smoothly, and fluctuations occur. In oscillatory, turbulent flow, the flow 

periodically increases and decreases about a central value over time. 

Blood flow through straight sections of the vasculature, such as the arteries, is typically 

laminar, unidirectional, and pulsatile. Laminar blood flow occurs as the individual blood 

particles flow smoothly past one another without any turbulence. The rhythmic beating of the 

heart propagates the unidirectional flow of blood through the vasculature and results in periodic 

increases and decreases in flow rate magnitude in vessels closest to the heart. This subjects 

endothelial cells to a pulsatile shear stress with a magnitude that periodically increases and 

decreases but averages as a positive value [34]. As the blood travels further from the heart and 

into smaller blood vessels, the flow rate and fluid shear stress become steadier.   

Laminar flow has been observed in straight sections of veins [35] and other vessels with a 

diameter greater than 0.5 mm, although smaller vessels under high flow, such as the glomerular 

capillaries, deviate slightly from laminar flow [36]. The flow profile is more complicated in 

branch points, arches, and other regions of complex geometry [37-39]. Endothelial cells can 

detect and react to these varying types of blood flow and their resulting fluid shear stresses 

through a process called mechanotransduction. 

2.3 Mechanotransduction 

The fluid shear stress experienced by endothelial cells causes morphological and 

functional changes within these cells [40]. Endothelial cells sense and respond to fluid shear 

stress through mechanotransduction. This process involves the conversion of a mechanical signal 

into a biochemical signal. The mechanical signal of fluid shear stress is sensed by endothelial 



9 

 

membrane components that activate signaling pathways within the cell that ultimately result in 

regulating endothelial cell function and morphology via regulation of gene and protein 

expression [41, 42]. Due to the large number of molecules, subcellular components, and alternate 

pathways involved, the specific mechanisms within mechanotransduction that lead to specific 

functional and structural changes are not fully understood. However, research on this process has 

led to a general understanding of some key subcellular components involved. 

When shear stress is applied to an endothelial cell, the first structure to sense this 

mechanical signal is the cellular membrane. Specialized receptors within the membrane, 

junctional complexes between neighboring endothelial cells, and the glycocalyx can sense the 

shear stress [43, 44]. This signal is then transmitted to the cytoskeleton, which distributes the 

stress across the cell [6]. Integrins, which are transmembrane cellular receptors involved in 

connecting cells to the extracellular matrix and other cells, have been shown to induce changes 

within the cytoskeleton after exposure to fluid shear stress [45, 46]. The cytoskeleton connects 

the cell membrane to the nuclear membrane through actin microfilaments, which allows for the 

transmission of the shear stress to the nuclear membrane  [47, 6].  

Through this transmission of the signal, the activation of signaling pathways occurs, 

resulting in modifications in functional gene expression that alter the function and morphology 

of endothelial cells. Endothelial nitric oxide synthase (eNOS) is a critical regulator of endothelial 

functions, including vascular tone modulation [48], and is one of many endothelial regulation 

mechanisms regulated by fluid shear stress [49]. In addition, the morphology of endothelial cells 

changes in response to fluid shear stress through the cytoskeleton. The actin cytoskeleton 

responds to fluid shear stress through remodeling that induces morphological changes in cell 

shape [50]. As the membrane, cytoskeleton, and nucleus are mechanosensitive and involved in 
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the transmission of the mechanical signal through the cell, studying the response of these 

organelles to fluid shear stress provides insight into the mechanotransduction process within an 

endothelial cell.  

2.4 Impact of Fluid Shear Stress on Endothelial Cell Function and Morphology 

Fluid shear stress has an impact on endothelial cell function and morphology by inducing 

changes in gene expression. The resulting functional and morphological changes within an 

endothelial cell depend on the particular magnitude, spatial gradient, and temporal gradient of 

the fluid shear stress, given that endothelial cells are capable of distinguishing between these 

variations in their microenvironment [51-53].  Three flow conditions commonly used in vitro to 

model in vivo conditions are (1) laminar, unidirectional, and steady flow, (2) laminar, pulsatile 

flow, and (3) oscillatory, turbulent flow [54]. Each of these flow conditions and their resulting 

fluid shear stresses induce changes in endothelial gene expression, which leads to functional and 

morphological changes [55, 56]. 

Laminar and unidirectional flow occurs in straight sections of vessels. This type of flow 

is applied in vitro as a model for studying the role of endothelial cells in maintenance of vascular 

homeostasis, since this type of flow is known to induce a stable, atheroprotective state [57, 58]. 

This state is characterized by downregulation of endothelial cell proliferation and apoptosis and 

downregulation of genes associated with inflammation [59-65].  

Laminar and unidirectional fluid shear stress is known to induce a specific morphological 

response in endothelial cells— elongation and alignment in the flow direction through changes in 

the cytoskeletal organization [46]. Since the first demonstration of this endothelial response to 

fluid shear stress in the orientation of the nuclei in the canine thoracic aorta in vivo in 1971 [66], 

many other studies have documented this behavior in vascular endothelial cells in vivo [67-74]. 
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This morphological response has also been observed in endothelial cells in vitro, first by Dewey 

et al. in 1981 in BAEC [75] and then by others in BAEC [76-79] and HUVEC [80, 81]. This 

behavior has since been regarded as a common behavior in all endothelial cells.  

Conversely, low, oscillatory shear stress occurs in curved and branched regions of the 

arteries and has been shown to induce a state in which the vessel has a higher propensity for the 

accumulation of atherosclerotic plaque [82, 83]. This predisposition to atherosclerosis is 

accompanied by an increase in expression of proinflammatory and proatherogenic markers, such 

as cytokines that promote inflammation [84, 85] and adhesion molecules [86] that have been 

shown to promote white blood cell recruitment that contributes to the progression of 

atherosclerosis [87]. In addition to these functional differences, endothelial cells under low, 

oscillatory shear stress display a random orientation with no preferred alignment in vitro [88] and 

in vivo [89]. 

In the literature, elongation is typically quantified by cell circularity, which is a measure 

of the shape of the cell, or inverse aspect ratio (IAR), which is the ratio of the cell width to cell 

length. Alignment is typically quantified by the orientation with respect to flow direction, which 

is an angle measured with respect to the flow direction. The area and perimeter are other 

parameters often used to quantify the size of the cells in morphological studies.  

The previously summarized knowledge on endothelial cell response to fluid shear stress 

has resulted primarily from studies on endothelial cells that line the larger vasculature, including 

HUVEC and BAEC. These cells are easy to obtain and culture, which is why they have been the 

most used cell types in studying endothelial cells in vitro since the 1980s [90]. The findings 

obtained from these larger endothelial cells have then been assumed to apply to all endothelial 

cells, which has been justified with the assumption that all endothelial cells are similar enough in 
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function and structure. The accuracy of this assumption is unclear, given the phenotypic 

heterogeneity in structure and function of endothelial cells.  

Regardless of the validity of this assumption, the focus on larger endothelial cells has led 

to a gap in the literature on the morphological response of microvascular endothelial cells to 

fluid shear stress. It has been assumed that microvascular endothelial cells behave the same as 

macrovascular endothelial cells by elongating and aligning in the direction of flow, but this has 

not been a popular topic of investigation. Fortunately, some recent studies have begun to fill this 

gap in the literature. 

2.5 Impact of Fluid Shear Stress on Microvascular Endothelial Cell Morphology 

 A few recent studies have sought to investigate the response of microvascular endothelial 

cells to fluid shear stress. The findings from these studies suggest that microvascular endothelial 

cell types may vary in their responses depending on the location of the tissue from which they 

originate, which contradicts the traditional perception in the literature that all endothelial cells 

elongate and align in the flow direction. 

Immortalized human brain microvascular endothelial cells (HBMEC), which line the 

blood-brain barrier, did not elongate or align after being exposed to different levels of laminar, 

unidirectional, and steady fluid shear stress on a flat flow chamber over 36 hours [8] or after 24 

hours of exposure to laminar shear stress on a curved surface [7].  In addition, induced 

pluripotent stem cell derived HBMEC did not align or elongate in response to laminar, 

unidirectional, and steady fluid shear stress over 40 hours [9].  

Microvascular cells found in the heart and lungs of mice have varying responses to fluid 

shear stress that depend on the substrate on which cells are seeded. Primary mouse E4 cardiac 

microvascular endothelial cells did not elongate or align in response to fluid shear stress when 
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seeded on polystyrene slides coated in fibronectin [10], but this cell type was found to have 

increased alignment and no elongation in response to fluid shear stress when seeded on 

polystyrene slides coated in porcine cardiac extracellular matrix and porcine lung extracellular 

matrix [91]. Primary mouse E4 lung microvascular endothelial cells aligned and elongated in 

response to fluid shear stress regardless of the slide and substrate used, but these cells showed 

increased elongation and alignment when seeded on polydimethylsiloxane slides coated in 

fibronectin or coated in porcine cardiac extracellular matrix [10, 91]. A similar result to the 

mouse lung microvascular endothelial cells was found in human microvascular lung endothelial 

cells. Primary human microvascular lung endothelial cells (HMLEC) exposed to gradually 

increasing, unidirectional, pulsatile shear stress fully elongated and aligned after 72 hours [92]. 

Dermal microvascular lymphatic endothelial cells, which line the lymphatic 

microvasculature under the skin, showed a magnitude-dependent response to fluid shear stress 

caused by impinging flow, aligning in the flow direction below a critical value and aligning 

against the flow direction above a critical value [93]. Despite this recent investigation, the 

response of dermal microvascular endothelial cells that line the blood microvasculature to fluid 

shear stress is unclear.  

These findings highlight the heterogeneity of microvascular endothelial cell responses to 

fluid shear stress. Some of these cells have been shown to align and elongate in the flow 

direction, while others do not respond this way to fluid shear stress. There is also a dependency 

on time, shear stress magnitude, and substrate stiffness. This is likely due to differences in the 

physiological conditions that these cells typically experience in vivo.  
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2.6 Heterogeneity of Endothelial Cells 

 The response of endothelial cells to fluid shear stress is dependent on the magnitude, 

duration, and spatial distribution of the shear stress. The recent findings on microvascular 

endothelial cell behavior suggest that this response is also dependent on the specific type of 

endothelial cell under shear stress. Despite the novelty of these findings, the heterogeneity of 

endothelial cells is not a new concept. Aird was the first to review the heterogeneity of 

endothelial cells in 2003 [94], but there is evidence that this heterogeneity was observed back in 

the 1980s [90].  

Endothelial cells exhibit heterogeneity in structure and function, with these properties 

varying in endothelial cells of different species, organs, and vessel types [95-97] and between 

endothelial cells residing in the same vascular bed [98]. These variations allow for endothelial 

cells to maintain vascular homeostasis in the numerous vessels that comprise the circulatory 

system, with each vessel possessing a specific structure and function based on its location and 

vessel type. Arteries are specialized to transport oxygen-rich blood, veins are specialized to 

transport oxygen-poor blood, and capillaries are specialized to facilitate diffusion of blood to 

underlying tissues. Thus, the endothelial cells that line each vessel type display functional and 

structural variations. Functions in which heterogeneity arises include permeability, white blood 

cell migration, hemostasis, regulation of vascular constriction and dilation, angiogenesis, and 

immune responses [96]. Structurally, endothelial cells lining different vessels vary in 

morphology, size, cell membrane surface structure and components, and intercellular junctions 

[97].  

This functional heterogeneity is evident when comparing the endothelial cells that line 

the larger vasculature to that of microvascular endothelial cells. A study conducted by Chi et al. 
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compared the gene expression profiles of cultured human endothelial cells from arteries, 

including the aorta, and veins, such as the umbilical vein, to human endothelial cells from 

microvasculature, including those located within the skin, lung, and intestines, and found 

differences in global gene expression between the large vessel and microvascular endothelial 

cells [99]. Differences were detected in genes that play a role in the formation and remodeling of 

the extracellular matrix and signaling to peripheral nerves during development. Microvascular 

endothelial cells also had a higher expression of genes encoding proteins that play a specialized 

role in the transport of immune cells, pathogens, and lipids and genes involved in angiogenesis. 

Another study by Lang et al. detected differences in the response of HUVEC and microvascular 

endothelial cell proliferation in response to vascular endothelial growth factors, placental growth 

factors, and fibroblast growth factor-2 [100].  

 The morphology of endothelial cells, including size, shape, thickness, and orientation, 

also varies among different endothelial cell types. For example, endothelial cells lining the 

capillaries are less than 0.1 µm thick, whereas the endothelial cells lining the aorta are 1 µm 

thick [101]. The differences between the smallest and largest endothelial cells also include 

physiologically relevant shear stresses experienced by these cells in vivo. The fluid shear stress 

in capillaries is within the range of 10 to 50 dyn/cm2, with an average of 30 dyn/cm2, as 

measured in vivo [102] and obtained from 3D computational modeling [103]. This is much 

higher than the average shear stresses to which HUVEC and BAEC are exposed. The average 

shear stress in human and rabbit aortas in vivo is 3.4 dyn/cm2 [104, 105]. In HUVEC, the average 

shear stress is between 8.4 and 12.5 dyn/cm2 [106-108].  

 The variation in endothelial cell responses between endothelial cells of varying sizes and 

vessel types to different levels of fluid shear stress can be viewed in a framework that involves 
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the definition of a “set point” at which endothelial cells are under homeostasis. This concept, as 

proposed by Rodbard in 1975, states that when endothelial cells are exposed to fluid shear stress 

outside of their set point, the cells will respond with functional and morphological changes that 

result in vascular remodeling, which aims to return the shear stress to the set point [109]. Based 

on the variation in vessel shear stresses in vivo, it has been proposed that different vessels have 

different set points [110].  

Baeyens et al. found evidence of a set point for HUVEC and human dermal lymphatic 

endothelial cells (HDLEC) [110]. The cells aligned and elongated in the flow direction and 

initiated anti-inflammatory pathways when exposed to shear stress magnitudes within their set 

point. Outside of their set point, the cells did not align or elongate and initiated pro-inflammatory 

pathways. For the HUVEC, the set point was approximately between 10 and 20 dyn/cm2, and for 

HDLEC the set point was 5 dyn/cm2. Studies in which BAEC were exposed to fluid shear 

stresses above 200 dyn/cm2, which is well above the range of fluid shear stress BAEC experience 

in vivo, have also found that the cells did not align and elongate with the flow [111, 112]. The 

perpendicular alignment of HUVEC, BAEC, and HDLEC at shear stresses above certain values 

supports the concept of a set point in which endothelial cells initiate vascular remodeling when 

exposed to shear stress outside of their set point.  

The heterogeneity in function, structure, and fluid shear stress levels demonstrates the 

complexity of endothelial cells. Therefore, differences in morphological responses to fluid shear 

stress between endothelial cells lining the large vasculature and the microvasculature are likely 

due to functional and structural differences between these cells. For instance, the function of 

arteries is to transport nutrient-rich blood away from the heart and to the capillaries, which are 

responsible for the diffusion of this blood to the various tissues in the body. As such, the cells 
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lining the arteries are involved in the prevention and development of atherosclerosis, which can 

occur as blood travels through arteries [113]. The cells lining the capillaries are involved in 

angiogenesis, which can occur as the need for new capillaries arises with infection, wound 

formation, and the growth of new tissue [114].  

2.7 Angiogenesis and Wound Healing: Microvascular Endothelial Cell Function 

 Angiogenesis is the growth of new vasculature from pre-existing capillaries. It involves 

the migration and proliferation of microvascular endothelial cells. This process occurs in early 

mammalian embryo development after initial vascular formation through vasculogenesis [115, 

116]. In adulthood, endothelial cells remain quiescent until angiogenesis is transiently activated 

during wound healing [117], as a response to increased oxygen demand in the growing skeletal 

muscle [118], and during the female reproductive cycle [119]. In addition to these physiological 

processes, angiogenesis is involved in the pathogenesis of many diseases [120, 121].  

Because the growth of new tissue is dependent on the formation of new vasculature 

through angiogenesis [122-124], angiogenesis is a critical step in wound healing. Early in the 

wound healing process, as new tissue is being formed, white blood cells secrete pro-angiogenic 

signals to induce the formation of new blood vessels that supply oxygen and other nutrients to 

the newly forming tissue [125].  

There are two types of angiogenesis: sprouting angiogenesis, which occurs as capillary 

sprouts form a new branch from a pre-existing capillary, and intussusceptive angiogenesis, which 

occurs as a pre-existing capillary is split into two branches [126]. For the rest of this review, 

sprouting angiogenesis will be the topic of discussion and referred to simply as “angiogenesis”.  

Angiogenesis can be initiated under several conditions, including hypoxia, inflammation, 

or tumor growth [127]. This process is often referred to as sprouting angiogenesis, as it results in 
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the formation of new capillary sprouts that eventually become mature vessels. Under hypoxic 

conditions, hypoxia-inducible transcription factors initiate the sprouting of new vessels by 

upregulating pro-angiogenic genes and inducing the release of pro-angiogenic signals, such as 

vascular endothelial growth factor-A (VEGF-A) [128]. Endothelial cells are equipped with 

vascular endothelial growth factor receptor-2 (VEGFR-2), which allows them to respond to 

VEGF-A [129].  

The first step of angiogenesis is performed by proteases that degrade the basement 

membrane, a component of the endothelial extracellular matrix [130]. One microvascular 

endothelial cell, referred to as a tip cell, responds to VEGF-A by developing filopodia that allow 

it to sense environmental signals and migrate in the direction of the signal [131]. Reorganization 

of the actin within the cytoskeleton of the tip cell creates these filopodia as well as lamellipodia 

and stress fibers [132]. The surrounding microvascular endothelial cells, referred to as stalk cells, 

respond to VEGF-A by following the tip cell and proliferating along the way [133].  

In this sprouting process, the tip cell leads the growth of the capillary stalk, which is 

performed by the proliferating stalk cells. This heterogeneous response to the VEGF-A signal is 

regulated by the Delta-like 4 (DLL4)/Notch signaling pathway, which induces differences in 

gene expression of VEGFR-2 between tip and stalk cells to reduce the response of stalk cells to 

VEGF-A [134]. The formation of a new capillary is complete when the tip cells of nearby 

capillary sprouts connect and create the vascular lumen [135].  

In addition to its role in homeostasis and maintenance of health, angiogenesis is involved 

in numerous diseases. Excessive angiogenesis is involved in the pathogenesis of cancer [136], 

progression of viral diseases [137, 138], and arthritis [139]. Impairment of angiogenesis is also 

involved in many diseases, including hypertension [140], diabetes [141], and neurodegeneration 
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[142]. Because of the reliance of various diseases on angiogenesis, research on this process has 

led to the development of antiangiogenic therapies that target microvascular endothelial cells for 

the treatment of disease [143]. Therefore, more insight into the mechanisms that impact 

angiogenesis is vital to accelerate the development of future therapies for the numerous diseases 

that are dependent on this process.  

2.8 Impact of Fluid Shear Stress on Microvascular Endothelial Cell Function 

Most research in the literature conducted on angiogenic regulation has focused on 

biochemical signaling instead of mechanotransduction. Although mechanical signals, such as the 

signals exerted by blood flow, are an important regulator of microvascular endothelial cell 

function, the role of mechanical signals in the regulation of angiogenesis is not well understood 

outside of the context of endothelial cell migration. Fluid shear stress has been shown to promote 

microvascular endothelial cell migration in the flow direction through lamellipodial extension 

and the cycle of focal adhesion formation and dissolution, thus allowing the tip cell to lead the 

formation of the new vessel [144].  

The impact of fluid shear stress on endothelial sprouting, which is the process by which 

the tip cell extrudes outside of the vessel wall and onto the surrounding extracellular matrix as it 

begins to migrate, has been investigated in vivo and in vitro. In vivo analysis of rat skeletal 

muscle has demonstrated an increase in capillary growth in response to increased blood flow and 

fluid shear stress [146, 147]. In vitro studies on HUVEC have found a dependence of endothelial 

sprouting on the fluid shear stress level applied. A fluid shear stress of 3 dyn/cm2 applied to 

confluent monolayers of HUVEC grown in a microfluidic platform with a collagen matrix 

resulted in reduction in endothelial sprouting [147]. Another study found that a confluent 
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monolayer of HUVEC seeded on a collagen gel had a threshold of 10 dyn/cm2, above which 

induction of endothelial sprouting occurred [148].  

However, these in vitro studies were conducted on HUVEC, instead of the microvascular 

endothelial cells that are responsible for the sprouting process in angiogenesis in vivo. Therefore, 

more information is needed on the impact of fluid shear stress on angiogenesis in microvascular 

endothelial cells in vitro. The first step in this process is understanding the impact of fluid shear 

stress on the microvascular endothelial cells involved in angiogenesis, such as dermal 

microvascular endothelial cells. 

2.9 HMEC-1: Immortalized Dermal Microvascular Endothelial Cells 

 HMEC-1 is an immortalized cell line of dermal microvascular endothelial cells 

established by Ades and colleagues in 1992 [149] in response to growing evidence of 

heterogeneity between microvascular endothelial cells and large-vessel endothelial cells [150]. 

Although the impact of different biochemical signals on angiogenesis has been studied in these 

cells [151-153], the mechanical signal of fluid shear stress has not been investigated. 

Furthermore, as of June 2021, the morphological response of these microvascular endothelial 

cells to fluid shear stress levels has not been investigated. Filling this gap in the literature would 

improve the understanding of how fluid shear stress impacts the structure and function of 

HMEC-1, which could lead to further studies on the impact of fluid shear stress on angiogenesis 

and dermal wound healing.  

 It has not been established in the literature if HMEC-1 respond by elongating and 

aligning to fluid shear stress, as HUVEC and BAEC have been shown to do [75, 80], or by 

resisting changes in elongation and alignment, as HBMEC [7-9] and primary mouse E4 cardiac 

microvascular endothelial cells [10] have been shown to do. However, there have been 
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comparisons between HMEC-1 and larger vessel endothelial cells in biochemical signaling, 

structure, and gene expression that provide evidence of heterogeneity between these endothelial 

cell types.  

Previous studies comparing HMEC-1 to HUVEC have found heterogeneity in responses 

to infection by bacteria [154], activation of protein kinase C [155], and markers of endothelial 

activation [156]. Additionally, HUVEC and HMEC-1 show a difference in the expression of 

genes induced by changes in subendothelial stiffness [157] and regulation of vascular cell 

adhesion molecule 1 [158]. Comparison between HMEC-1 and aortic endothelial cells have 

shown heterogeneity between the two cell types in integrin composition, cell surface structure, 

and cytoskeletal structure [159] and response to tumor angiogenesis factor [160]. 

 These studies further demonstrate the heterogeneity of endothelial cells, which are 

specialized in structure and function to regulate vascular homeostasis in the numerous types and 

locations of vessels. However, it is currently unknown if heterogeneity between HMEC-1 and 

larger-vessel endothelial cells exists in the morphological response to fluid shear stress.  
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CHAPTER 3 

FLUID SHEAR STRESS EXPERIMENTS 

3.1  Abstract 

 The current perception in the literature is that all endothelial cells align and elongate in 

the flow direction in response to an applied fluid shear stress. However, this conclusion was 

primarily based on the behavior of endothelial cells lining the larger vasculature, such as 

HUVEC and BAEC. Therefore, there is a gap in the literature on the morphological response of 

microvascular endothelial cells to fluid shear stress, including dermal microvascular endothelial 

cells. This research sought to fill this gap in the literature by conducting fluid shear stress 

experiments on dermal microvascular endothelial cells and imaging their cellular and nuclear 

morphological responses over the course of 73 hours. Three different levels of fluid shear stress 

exerted by laminar, steady, and unidirectional flow were applied to immortalized dermal 

microvascular endothelial cells (HMEC-1) for 73 hours: 0.3 dyn/cm2, 16 dyn/cm2, and 32 

dyn/cm2. Phase-contrast images and fluorescence images were taken hourly at eight evenly 

spaced imaging locations across the slides on which the HMEC-1 were seeded to capture the 

cellular and nuclear morphology, respectively. The procedures used in these experiments were 

successful in obtaining the phase-contrast and fluorescence images necessary for further analysis. 

The formation of bubbles occurred at the first two imaging locations during the 0.3 dyn/cm2 

condition and affected the morphology of the cells at these locations. Thus, the first two imaging 

locations were removed from further analysis. The images obtained will first be processed to 

calculate the morphology of the cells and nuclei and then analyzed using statistical tests to 

determine trends in the morphology. 
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3.2  Introduction 

As the cells that line the inner wall of blood vessels, vascular endothelial cells are 

constantly subjected to flowing blood. This blood flow results in a fluid shear stress on the 

endothelial cells that acts parallel to the flow direction [36]. Fluid shear stress has been shown to 

play a significant role in the regulation of endothelial cell function and structure, both in healthy 

physiology and in the development of disease [40, 161]. Endothelial cells sense and respond to 

fluid shear stress, with phenotypic variations arising because of exposure to varying types of 

shear stress and a dependence on the spatial distribution and duration of the shear stress [57, 51-

53]. Although there are many mechanosensitive components within endothelial cells, the cell 

membrane and nucleus are two major subcellular components that sense and respond to fluid 

shear stress [6, 162, 42].  

When fluid shear stress is applied to an endothelial cell, the cellular membrane is the first 

component of the endothelial cell to sense and respond to the shear stress [43, 44]. The receptors 

within the membrane sense and transmit the stress to the cytoskeleton, which then transmits the 

stress to the nucleus through connections at the nuclear membrane [6, 47]. The nucleus responds 

to the shear stress by inducing changes in gene expression and regulation, resulting in functional 

and morphological changes within the endothelial cell [41, 42, 66]. These changes are dependent 

on the type of fluid shear stress applied [31, 32]. 

Blood flow through straight sections of the vasculature is typically laminar and 

unidirectional. The periodic beating of the heart creates unidirectional and pulsatile blood flow 

through the vessels closer to the heart, resulting in endothelial cells experiencing a pulsatile fluid 

shear stress with a magnitude that varies over time but averages as a positive value [34]. As the 
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blood travels further from the heart and into smaller blood vessels, the flow rate and fluid shear 

stress become steadier.  

The fluid shear stress resulting from blood flow has been shown to be a critical regulator 

of endothelial cell function and morphology. Laminar fluid shear stress has been found to induce 

a non-proliferative, anti-inflammatory state [59-65] in which cells alter their cytoskeletal 

structure to align and elongate in the direction of flow [46]. These functional and structural 

changes have been observed in BAEC, HUVEC, and HAEC [57, 58, 31]. The impact of laminar 

flow on endothelial cells that line the larger vasculature has been studied extensively over the 

past 30 years, whereas the impact of this flow on the microvascular endothelial is more unclear.  

 Recent studies have begun to fill this gap in the literature by investigating how 

microvascular endothelial cells respond to applied laminar fluid shear stress, and their findings 

contradict the long-held perception in the literature that all endothelial cells elongate and align in 

the direction of flow. Studies on immortalized human brain microvascular endothelial cells 

(HBMEC) found a lack of elongation and alignment when cells were exposed to steady laminar 

fluid shear stresses from 0 to 16 dyn/cm2 after being seeded on a parallel plate flow system [8] 

and on a curved surface [7]. In addition, induced human pluripotent stem cell derived HBMEC 

did not undergo elongation and alignment after being exposed to steady laminar fluid shear stress 

[9].  

A few studies have also compared microvascular endothelial cells of different tissue 

types. The morphological responses of primary mouse E4 microvascular endothelial cells taken 

from the heart and lung of adult mice were compared after exposure to laminar steady shear 

stress for 12 hours in a parallel plate flow apparatus [10]. These studies indicated that fluid shear 

stress induces different microvascular endothelial cell morphological responses in different tissue 
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types. The mouse cardiac microvascular endothelial cells did not align or elongate in response to 

4 dyn/cm2 of shear stress, whereas the mouse lung microvascular endothelial cells aligned and 

elongated in the flow direction in response to the same level of shear stress [10]. A similar result 

to the microvascular mouse lung endothelial cells was found in human microvascular lung 

endothelial cells. Primary human microvascular lung endothelial cells (HMLEC) exposed to 

gradually increasing, unidirectional, laminar, and pulsatile shear stress fully elongated and 

aligned after 72 hours [92]. 

Even with these recent studies on brain, cardiac, and lung microvascular endothelial cells 

beginning to fill the gap in the literature, there are still many other microvascular endothelial cell 

types that lack morphological data. As of June 2021, there is no information in the literature on 

the morphological response of fluid shear stress on dermal microvascular endothelial cells that 

line the capillaries beneath the skin. These cells are responsible for initiating angiogenesis in the 

skin, which is a critical step in the wound healing process and plays a role in cancer tumor 

metastasis [11, 12]. Understanding how fluid shear stress impacts the morphology of these cells 

is the first step in understanding how fluid shear stress impacts their functions, such as 

angiogenesis and wound healing.  

Therefore, the objectives of this study are the following: 

(1) To apply three different levels of laminar steady shear stress to immortalized dermal 

microvascular endothelial cells for 73 hours; 

(2) To obtain phase-contrast images capturing the cellular morphology across the slide 

over time; and  

(3) To obtain fluorescence images capturing the nuclear morphology across the slide over 

time.  
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The purpose of completing these objectives is to investigate the morphological response of 

dermal microvascular endothelial cells and nuclei to fluid shear stress.  

3.3 Materials and Methods 

3.3.1 Cell Culture 

Human Dermal Microvascular Endothelial cells (HMEC-1, #CRL-3243, ATCC, 

Manassas, VA) were maintained in complete growth media. Complete growth media consisted of 

MCDB 131 media (#10372019, Gibco, Grand Island, NY) supplemented with 2 mM L-

glutamine (#25030081, Thermo Fisher Scientific), 10% (v/v) FBS and penicillin/streptomycin 

(100 U/ml and 100 μg/ml concentration, respectively). The cells were grown to confluence at 

37○C with 5% CO2.    

3.3.2 CellLight Nucleus-GFP Fluorescent Protein Labeling 

Cells were removed from cryogenic storage and cultured in T-175 flasks at a seeding 

density of ~5,300 cells/cm2 (#159910, Thermo Fisher Scientific) until ~70% confluency. The 

cells were then dissociated with TrypLE Express (1X, #12604021, Thermo Fisher Scientific), 

resuspended, and split into two 15 ml conical tubes. While in suspension, the cells were 

transfected with CellLight Nucleus-GFP (40 particles per cell, #C10602, Lot 2036671, Life 

Technologies Corporation Eugene, OR) that used BacMam 2.0 technology to label nuclei with 

green fluorescent protein (GFP) fused to the SV40 nuclear localization sequence. Then the cells 

were transferred to T-75 flasks at a seeding density of ~21,120 cells/cm2 (#156499, Thermo 

Fisher Scientific) and incubated at 37○C and 5% CO2 for 16 hours. After 16 hours, cells were 

dissociated again, resuspended in cryoprotectant media (7.5% (v/v) DMSO, #45001-118 VWR in 

complete growth media) and aliquoted into cryovials at ~500,000 cells/ml. The cells were stored 

under cryopreservation until the perfusion experiments.  
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3.3.3 Perfusion 

Materials needed for the perfusion were placed in the CO2 incubator for 24 hours prior to 

equilibrate and de-gas to the proper level of 5% CO2 and 37○C. These materials included the 

following: (1) an ibidi fluidic unit; (2) one ibidi I0.4 Luer Lock slide with #1.5 ibiTreat polymer 

coverslip (#80176, ibidi, Martinsried, Germany); (3) two perfusion sets (‘blue’ or ‘red’); (4) one 

reservoir set (#10971, 12 ml, ibidi); and (5) 40 ml complete growth media.  

Transfected HMEC-1 cells were seeded at 66,000 cells/cm2 into the ibidi Slide I0.4 Luer 

slide (#80176, ibidi, 0.4 mm channel height, 100 μl volume, 2.5 cm2 growth area) with #1.5 

ibiTreat polymer coverslip. The slide was incubated for two hours at 37○C with 5% CO2 under 

static conditions (no flow) to allow time for the cells to adhere to the base of the channel. 

Adherence was confirmed after two hours with phase-contrast microscopy. 

After the cells had adhered, a total of 13 ml of complete growth media was aseptically 

added to each reservoir set and connected to the fluidic units inside the tissue-culture hood. Air 

bubbles were cleared from the tubing using ibidi PumpControl software. The ibidi Slide I0.4 Luer 

was connected to the flow loop and placed inside the stage-top incubator. 

An ibidi pump system, consisting of (1) pump and fluidic unit (#10905 pump, #10903 

fluidic unit), (2) I0.4 Luer Lock slide with #1.5 ibiTreat polymer coverslip (#80176, ibidi, 

Martinsried, Germany), (3) perfusion set, and (4) reservoir set (#10971, 12 ml, ibidi), was used 

for the perfusion experiments. The flow conditions were controlled with ibidi PumpControl 

software (v1.5.4). 

Perfusion experiments were performed in duplicate under three unidirectional, laminar, 

and steady flow conditions: (1) pseudo-static flow with a shear stress of 0.3 dyn/cm2, (2) low 

flow with a shear stress of 16 dyn/cm2 and (3) high flow with a shear stress of 32 dyn/cm2. An 
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additional static condition (0 dyn/cm2) was applied for comparison to the pseudo-static 

condition. Cells were exposed to shear stress in the flow conditions, as well as a lack of shear 

stress in a static condition, for 73 hours.  

For the pseudo-static experiments, a ‘blue’ perfusion set (#10841, ibidi) was modified by 

replacing the 15 cm of tubing with 60 cm of tubing of the same diameter (0.8 mm inner 

diameter). For the unidirectional laminar flow experiments, a ‘red’ perfusion set (#10962, ibidi) 

was modified by replacing the 15 cm of tubing with 60 cm of tubing of the same inner diameter 

(1.6 mm). 40 cm of tubing was placed inside of the stage-top incubator, and the remaining 20 cm 

of tubing was outside of the stage-top incubator and connected to the two reservoirs. For 

consistency, the same perfusion set with the same calibration factor was used for both repeats of 

each flow condition. 

HMEC-1 were exposed to each flow condition for 73 hours, which allowed for 

continuous observation of the time-dependent effects of fluid shear stress on these cells. To 

analyze potential differences between the morphology of pseudo-static and true static conditions, 

pseudo-static and static conditions were performed simultaneously with the only difference being 

the presence or lack of flow and incubator location. The static slide was not connected to the 

ibidi fluidic unit and remained within an incubator at 37°C and 5% CO2 for 73 hours, only to be 

removed briefly once every 24 hours for media changes. The pseudo-static slide was connected 

to the ibidi fluidic unit and exposed to low flow while remaining in a stage-top incubator at 37°C 

and 5% CO2 for 73 hours. The corresponding shear rate was 30s-1, pressure was 5.5 mbar, and 

flow rate was 0.23 ml/min for the pseudo-static condition. 

For the unidirectional, steady, laminar flow experiments, two different fluid shear stress 

magnitudes were used: a low flow condition (16 dyn/cm2) and a high flow condition (32 
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dyn/cm2). Both of these fluid shear stress values are within the range of shear stress values in 

capillaries of approximately 10 to 50 dyn/cm2, with an average of 30 dyn/cm2 [102, 103]. For 16-

dyn/cm2, the corresponding shear rate was 1553 s-1, pressure was 38.2 mbar, flow rate was 11.80 

ml/min, and unidirectional switching time was 15 seconds. For 32 dyn/cm2, the corresponding 

shear rate was 3107 s-1, pressure was 82.5 mbar, flow rate was 23.60 ml/min, and unidirectional 

switching time was 5 seconds. All flow conditions are summarized in Table 3.1. For the 32 

dyn/cm2 condition, a ramp-up step was included to prevent cells from shearing off the slide. The 

cells were exposed to 16 dyn/cm2 for one hour before the shear stress was increased to 32 

dyn/cm2. For this flow condition, the start of the 32 dyn/cm2 shear stress was designated as the 

start of the 73 hours.  

TABLE 3.1 

FLOW CONDITION PARAMETERS ON IBIDI PUMPCONTROL SOFTWARE 
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3.3.4 Complete Growth Media Viscosity 

The viscosity for the complete growth media was 1.03 cP (measured at 37°C using 

Brookfield DVII+ Pro, ULA Spindle set, data not shown). Viscosity measurements were 

repeated in duplicate. 

3.3.5 Live-Cell Imaging  

A Leica DMI 6000B inverted microscope and HCX PL FLUOTAR 20x/0.40 Corr PH1 

objective were used to acquire both phase-contrast images and fluorescence images. 

Fluorescence image acquisition also used a Mercury-arc lamp (#EL6000, Leica) and GFP filter 

cube (L5, #11504166, Leica). The center of the channel was divided into 8 equally spaced 

sections along the flow direction and marked as the imaging locations, shown in Figure 3.1.  

 

Figure 3.1: Illustration of ibidi I0.4 Luer Lock slide with #1.5 ibiTreat polymer coverslip (#80176, 

ibidi, Martinsried, Germany). The channel height is 400 µm and channel volume is 100 µl. The 

slide has two reservoirs in which the cells were seeded and allowed to adhere to the channel. The 

reservoirs were then attached to perfusion set to allow for flow over the cells in the channel. The 

8 imaging locations are indicated by the red circles along the slide. 

 

Each imaging location was located at the center of the slide and therefore had the same y-

coordinate (along the channel width) but different x-coordinates (along the channel length) and 

z-coordinates (along the channel depth). The first imaging location was 10 mm in the x-direction 

from the inlet of the slide and eighth imaging location was 10 mm in the x-direction from the 
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outlet of the slide. The remaining imaging locations were located in between the first and eighth 

imaging location with equal spacing between them. Images were acquired with a Leica DFC345 

FX camera with a field-of-view of 352-µm x 264-µm.  

While on the microscope stage, the cells were maintained at 37°C and humidified 5% 

CO2 with a stage-top incubator system comprised of an enclosed stage-top incubator connected 

to a temperature regulator and CO2 level regulator (Chamlide TC, #CU-501, #FC-5N, Live Cell 

Instruments), shown in Figure 3.2. 

 

Figure 3.2: Live-cell imaging setup. (A) Stage-top incubator connected to the fluidic unit, 

temperature regulator, and CO2 regulator. (B) Close-up of the stage-top incubator, flow chamber, 

and perfusion set. 

 

Before image acquisition, Köhler illumination was set to ensure the quality of the phase-

contrast images by providing uniform illumination across the images. The phase-contrast images 

were acquired at an exposure of 46.87 ms, a gain of 1, and an intensity of 87; whereas the 

fluorescence images were acquired at an exposure of 1 s, a gain of 2.0, and an intensity of 5 on 

the Leica software (Leica LAS AF v3.2). Time-lapsed images were acquired hourly for 73 hours. 

Every hour, a phase-contrast image of the cells and a fluorescence image of the nuclei were 

acquired at each of the eight locations. 
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3.4 Results 

 These experiments were successful in meeting each of the three objectives. The first 

objective, to apply three different levels of laminar steady shear stress to immortalized dermal 

microvascular endothelial cells (HMEC-1) for 73 hours, was met by exposing HMEC-1 to 0.3 

dyn/cm2, 16 dyn/cm2, and 32 dyn/cm2. A static condition was also applied for comparison to the 

0.3 dyn/cm2 (pseudo-static) condition. The second objective, to obtain phase-contrast images 

capturing the cellular morphology across the slide over time, was met by taking hourly phase-

contrast images along eight evenly spaced imaging locations along the slide for the duration of 

the 73-hour flow experiments. The third objective, to obtain fluorescence images capturing the 

nuclear morphology across the slide over time, was met by taking hourly fluorescence images 

along eight evenly spaced imaging locations along the slide for the duration of the 73-hour flow 

experiments. 

3.5 Discussion  

3.5.1 Static Experiments 

The cells under the static condition were examined under a microscope once a day. At the 

24-hour mark, small bubbles were visible at the outlet. These bubbles were cleared during the 

media change that day, but the next day (48-hour mark), bubbles had formed at the inlet of the 

slide. These bubbles remained until the 73-hour mark, at which the experiment ended. These 

bubbles were small enough that they did not interfere with the distribution of media through the 

rest of the channel. No further issues occurred.  

3.5.2 Pseudo-Static Experiments 

Air bubbles were a common issue in the pseudo-static experiments. These bubbles 

formed in the flow channel during both of the two repeats at 0.3 dyn/cm2. For the first repeat, at 
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48 hours and 21 minutes after flow began, a large bubble was observed in the channel. This 

bubble expanded from the inlet to partially cover imaging location 1, blocking some of the cells 

at this location from having access to media. The rest of the imaging locations appeared 

unaffected, as the flow was able to travel around the bubble. To remove the bubble, the pressure 

was increased manually to 15 mbar. It took one minute for the bubble to exit the channel, and the 

low pressure of 5.5 mbar and shear stress of 0.3 dyn/cm2 was resumed. No further issues 

occurred for the remainder of the experiment. 

For the second repeat, an air bubble formed in the tubing and was promptly removed. 

Then several large bubbles formed between the inlet and imaging location 1 sometime between 

hour 17 and 18. These bubbles were discovered at 21 hours and 47 minutes into the flow 

experiment. Over the span of 2 minutes, the pressure was slowly increased from 5.5 mbar to 25 

mbar, which was the lowest pressure applied that successfully dislodged the bubbles and caused 

them to exit the channel. Two small bubbles remained, and 30 mbar was applied briefly to 

remove them, but this did not succeed in clearing the bubbles. The pressure was lowered back to 

5.5 mbar and the shear stress of 0.3 dyn/cm2 was resumed at this point. After clearing the bubble, 

visible differences between locations 1 and 2 and the rest of the imaging locations remained. The 

cells at these locations had been affected by the lack of media for 5 hours. No further issues 

occurred beyond this point.  

3.5.3 Experiment Choices and Justifications 

3.5.3a Nuclear Stain 

 In preliminary experiments, Hoescht was used to stain the nuclei. This stain had 

phototoxic effects on HMEC-1 after hourly fluorescence imaging for several days. Therefore, 

CellLight Nucleus-GFP was used instead. Preliminary studies were conducted on varying ratios 
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of the particles of CellLight Nucleus-GFP per cell to determine the optimal ratio that allowed for 

the highest transfection efficiency with the least debris staining. This ratio was 40 particles per 

cell.  

CellLight Nucleus-GFP exhibits less specificity in nuclear staining than Hoescht, because 

it targets the nuclear localization sequence on proteins that are intended to be transported into the 

nucleus instead of targeting the DNA. Thus, proteins with the nuclear localization sequence that 

had not yet been imported to the nucleus were also stained, leading to some staining outside of 

nuclei. Because of this, extra steps were added to the image processing procedure to filter out 

stained debris.  

Despite the decreased specificity in staining, CellLight Nucleus-GFP was an effective 

method of nuclear staining for live-cell imaging. It allowed for hourly fluorescence imaging of 

the nuclei over 73 hours without causing cytotoxicity, which was critical to obtain data on the 

transient response of HMEC-1 morphology to fluid shear stress. 

3.5.3b Tubing Extension 

 The extension of the tubing mentioned in section 3.3.3 above was necessary to maximize 

the amount of tubing inside the stage-top incubator, which would allow sufficient time for the 

media temperature to reach 37°C. As the media traveled from the reservoirs and first 20 cm of 

tubing, which were at room temperature, it would have sufficient time to reach 37°C before 

completely traveling through the 40 cm of tubing and reaching the inlet on the slide. 

3.5.3c Fluid Shear Stress Selections 

 Instead of using a true static (0 dyn/cm2) condition, a pseudo-static condition (0.3 

dyn/cm2) was selected to compare to the 16 and 32 dyn/cm2 conditions. To examine differences 

between the morphology of pseudo-static and true static conditions, pseudo-static and static 
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conditions were performed simultaneously under the same environmental conditions of 5% CO2 

and 37oC, with the only difference between the method of media exchange.  

The choice was made to use a pseudo-static condition, instead of a static condition, as a 

baseline to which higher fluid shear stresses were compared. A true static condition would not 

allow accurate continual imaging of the same locations on the slide due to the need to remove the 

slide from the stage-top incubator for daily media changes. Additionally, it is difficult to ensure 

the repetition of the same flow rate and corresponding fluid shear stress for each media change in 

the static slides. The automated ibidi PumpControl software for the pseudo-static condition was 

able to sustain the same flow rate and fluid shear stress over 73 hours.  

Although a static condition is often used as a baseline to which other fluid shear stress 

values in endothelial morphological studies, this condition is not as physiologically relevant as a 

very low fluid shear stress. Endothelial cells in vivo are constantly exposed to blood flow and the 

resulting fluid shear stress, and a completely static condition is not encountered in the healthy 

vasculature, including the capillaries [102]. Furthermore, other studies have used a low fluid 

shear stress in place of a static condition in studies on endothelial morphology and function, such 

as 0.5 dyn/cm2 [163].  

Thus, a pseudo-static condition was selected to provide a slow exchange of media time, 

which eliminated the need to remove the slide for media changes and allowed for more direct 

comparison to the images obtained by the two flow conditions at the same imaging locations. A 

shear stress of 0.3 dyn/cm2 is the lowest value recommended by ibidi for the 0.8 mm inner 

diameter tubing and I0.4 Luer Lock slide (ibidi Pump System Instructions v1.5.2).  

The other two fluid shear stress values were selected with regard to physiological 

relevance. Both 16 dyn/cm2 and 32 dyn/cm2 are within the range of shear stress values in 
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capillaries of approximately 10 to 50 dyn/cm2, with an average of 30 dyn/cm2, as measured in 

vivo [102] and obtained from 3D computational modeling [103]. A shear stress of 16-dyn/cm2 

was selected to represent the lower end of the physiologically relevant shear stress range and to 

allow for direct comparison to a previous study conducted on HBMEC [8]. 32 dyn/cm2 was 

selected due to its closeness to the average value of the physiologically relevant shear stress 

range, while also being a two-fold increase from the first shear stress condition.  

3.5.4 Limitations 

A limitation in this study was the postponing of collecting the data for the 32 dyn/cm2 

condition and the resulting decrease in nuclear stain brightness. Wichita State University went 

under lockdown in response to the COVID-19 pandemic, which postponed the 32 dyn/cm2 

experiments to months after the static, pseudo-static, and 16 dyn/cm2 experiments. Because the 

cells intended for the 32 dyn/cm2 experiments were from the same batch as the other experiments 

and had been stained in suspension before being put into cryogenic storage, the nuclear stain had 

faded over time. This resulted in less stained nuclei and more background noise in the 

fluorescence images for the 32 dyn/cm2 experiments than the other conditions. The lower 

number of nuclei could have contributed to trends in the nuclear morphological data for the 32 

dyn/cm2 experiment being more amplified. Fortunately, the cellular morphological data was 

unaffected by the delays, as this data was collected by phase-contrast images and not from a cell 

membrane stain.  

 Due to the bubble formation obscuring the cells in the static and pseudo-static conditions, 

the imaging locations 1 and 2 were not included in further analysis. This resulted in imaging 

locations 3 through 6 being analyzed under the image processing and data analysis procedures, 

which reduced the amount of data collected from each slide. 
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3.6 Conclusion  

 The cellular and nuclear morphology of HMEC-1 was captured hourly at eight imaging 

locations over the duration of 73 hours under three fluid shear stress conditions: pseudo-static 

(0.3 dyn/cm2), low (16 dyn/cm2), and high (32 dyn/cm2). A pseudo-static condition was chosen 

to compare to the low and high fluid shear stress conditions instead of a true static (0 dyn/cm2) 

condition due to the ability to continually image the same eight locations over time. These 

experiments were successful in obtaining the images needed for image processing and data 

analysis. However, due to bubble formation at the first two imaging locations, only locations 3 

through 8 will be included in further analysis. The next step is to calculate cellular and nuclear 

morphological parameters from the phase-contrast and fluorescence images, respectively, using 

image processing software. Then, these parameters will be analyzed using statistical tests to 

identify the effect of time and fluid shear stress magnitude on HMEC-1. This will contribute to 

filling the gap in the literature on the morphological response of dermal microvascular 

endothelial cells to fluid shear stress. 
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CHAPTER 4 

IMAGE PROCESSING AND DATA ANALYSIS 

4.1 Abstract 

 Fluid shear stress is an important regulator of endothelial cell morphology, as endothelial 

cells can sense and respond to fluid shear stress by altering their size, shape, and orientation. 

There is currently a gap in the literature on the morphological response of dermal microvascular 

endothelial cells (HMEC-1) to fluid shear stress. Thus, this research aimed to quantify and 

analyze the cellular and nuclear morphological response of HMEC-1 to fluid shear stress at 0.3, 

16, and 32 dyn/cm2 as time increased from 24 to 72 hours. This was done with an image 

processing procedure that resulted in segmenting phase-contrast images and thresholding 

fluorescence images obtained at 24, 48, and 72 hours to obtain morphological data from these 

images. The cellular and nuclear area, perimeter, circularity, inverse aspect ratio (IAR), and 

orientation were measured from their respective images at each of these timepoints. Then, 

statistical analysis of the data was performed to identify trends in the cellular and nuclear 

morphological parameters over time and as fluid shear stress increased. The procedures used for 

image processing and statistical analysis were successful in quantifying the morphological 

response of HMEC-1 to fluid shear stress over time. Most of the morphological datasets were not 

normally distributed. Therefore, the trends presented in the following chapter will be according 

to non-parametric statistical analysis.  

4.2 Introduction 

 The fluid shear stress experienced by endothelial cells causes morphological and 

functional changes within these cells [75]. The morphological responses of endothelial cells and 

nuclei comprise one component of the endothelial response to fluid shear stress. These responses 
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are well understood in larger endothelial cells, such as HUVEC and BAEC, and in the context of 

cardiovascular disease. However, the morphological responses of microvascular endothelial cells 

and nuclei and the role of this response in regulation of angiogenesis are less understood, as 

indicated by the gap in the literature that has been previously discussed. Therefore, the present 

study analyzed the morphological response of dermal microvascular endothelial cells and their 

nuclei to fluid shear stress. 

To quantify the morphological response of HMEC-1 to fluid shear stress, five 

morphological parameters were selected: area, perimeter, circularity, inverse aspect ratio (IAR), 

and orientation. The area, perimeter, circularity, IAR (or its inverse, AR), and orientation have 

each been used in previous studies to quantify endothelial morphology in BAEC [76-79], 

HUVEC [80, 81, 8], and microvascular endothelial cells [7-10, 92]. Area and perimeter are used 

to quantify the size of each cell. IAR is the ratio of an object’s width to its length, as shown in 

Figure 4.1.  

 

Figure 4.1: Illustration of inverse aspect ratio. Inverse aspect ratio (IAR) is the width of an object 

divided by its length. IAR is used to quantify elongation and has an indirect relationship with 

elongation. A decrease in IAR indicates an increase in elongation, whereas an increase in IAR 

indicates a decrease in elongation. 

 

IAR and circularity are two parameters often used to quantify elongation and have an indirect 

relationship to elongation. A decrease in IAR or circularity indicates an increase in elongation. 

The orientation is measured in degrees with respect to the flow direction and is used to quantify 

alignment, as demonstrated in Figure 4.2.  
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Figure 4.2: Illustration of orientation. Orientation with respect to flow direction is measured as 

the angle (in degrees) between the length of a cell or nucleus and the flow direction. It is used to 

quantify alignment. The dotted arrow line represents the flow direction axis, the orange line 

represents the width, the blue line represents the length, and θ represents the angle between the 

flow direction axis and the length of the cell. (A) The cell is oriented perpendicular to the flow, 

with an orientation angle (θ) of 90o. (B) The cell is oriented parallel to the flow, with an 

orientation angle (θ) of 0o. 

 

The orientation angle corresponds to the alignment of a cell in the flow direction. An orientation 

of 0o indicates parallel orientation or alignment in the flow direction, whereas an orientation of 

90o indicates perpendicular orientation to the flow direction. 

FIJI is a software that is commonly used in cellular data analysis. MorphoLibJ, a plugin 

for FIJI, was used to segment the cells of each phase-contrast image and calculate morphological 

parameters for each of those cells [164]. The plugin uses a watershed algorithm to differentiate 

between the cells in a phase-contrast image by detecting the differing pixel values between the 

inside of a cell and its membrane. Each cell is typically composed of a dark center (the inside of 

the cell) surrounded by a lighter border (the membrane). After watershed, MorphoLibJ was used 

to measure the area, perimeter, circularity, object-oriented bounding box length and width, and 

ellipse orientation of each cell in the phase-contrast images. 

In MorphoLibJ, the morphological parameters are calculated in different ways. The area 

is calculated by first counting the number of pixels that make up an individual cell and then 

weighting this by the area of each pixel derived from the scale of the image. The perimeter is 
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calculated by creating a series of lines with varying orientations across the cell and then 

determining how many intersections occur between the lines and the boundary of the cell. Since 

the number of line intersections with the cell is proportional to the cell’s perimeter, the number 

of intersections is averaged across all line orientations to result in the perimeter measurement. 

The circularity is calculated by multiplying 4π times the ratio of the area over the squared 

perimeter, shown in equation 4.1 below. 

Circularity = 4π
Area

Perimeter2
        (4.1) 

MorphoLibJ provides a variety of methods for measuring orientation, width, and length. 

The method of measuring width and length chosen for this study was the object-oriented 

bounding box. The object-oriented bounding box is a rectangle that completely surrounds a cell 

in the smallest area possible, as illustrated in Figure 4.3.  

 

Figure 4.3: Illustration of object-oriented bounding box in MorphoLibJ. The object is shown in 

yellow, and its object-oriented bounding box is outlined in black. Figure courtesy of David 

Legland and Ignacio Arganda-Carreras (2020) [165]. 

 

The IAR for each cell in this study was calculated from dividing the width of the object-oriented 

bounding box by its length. The method of measuring orientation in this study was the ellipse 

orientation. In MorphoLibJ, ellipse parameters are determined to create an equivalent ellipse 

with the same second order centered moments as the cell. An example of an equivalent ellipse 

created based on an object is shown in Figure 4.4. 
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Figure 4.4: Illustration of ellipse in MorphoLibJ. The object is in yellow, and its equivalent 

ellipse is indicated with a black outline. Figure courtesy of David Legland and Ignacio Arganda-

Carreras (2020) [165]. 

 

 In addition to the morphological parameters, another parameter to consider in image 

processing is the timepoint analyzed. Most endothelial cell studies analyze morphological 

responses between 0 and 24 hours after initiation of flow [75, 77, 79-81]. However, there is 

evidence that the response of endothelial cells to fluid shear stress is time-dependent and 

continues to change up to 72 hours of fluid shear stress exposure in BAEC [78] and beyond 96 

hours of fluid shear stress exposure in HUVEC [81]. Therefore, the timepoints of 24, 48, and 72 

hours were selected to analyze the time-dependence of HMEC-1 to the application of fluid shear 

stress. This allowed for direct comparison to other studies measuring endothelial morphological 

responses within 24 hours in addition to studies with longer durations.  

After the choices of morphological parameters and timepoints of analysis were made, the 

image processing and data analysis was performed to obtain morphological data from the phase-

contrast and fluorescence images and analyze this data. The objectives of this process are the 

following: 

1) To segment the phase-contrast images at 24, 48, and 72 hours at the 6 imaging 

locations and calculate cellular morphological data (area, perimeter, orientation, 

circularity, and IAR) from the images using MorphoLibJ; 
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2) To threshold the fluorescence images at 24, 48, and 72 hours at the 6 imaging 

locations and utilize the nuclei identified by thresholding to calculate nuclear 

morphological data (area, perimeter, orientation, circularity, and IAR) from the 

images using FIJI; 

3) To compile the data for each timepoint by combining the morphological data from 

the 6 imaging locations for each flow condition and process the data in Excel; and 

4) To analyze the morphological data using statistical analysis to determine trends in 

the morphological data as time increases from 24 to 72 hours and as fluid shear 

stress increases from 0.3 dyn/cm2 to 32 dyn/cm2. 

The purpose of processing the images and analyzing the morphological data is to develop 

an understanding of the morphological response of HMEC-1 to fluid shear stress, which would 

contribute to filling the gap in the literature on this subject.  

4.3 Materials and Methods 

4.3.1 Image Processing: Phase-Contrast Images 

For the phase-contrast images, the image processing procedure included seed mask 

creation, verification of seed masks, MorphoLibJ segmentation, and Microsoft Excel processing. 

The seed mask creation, verification, and segmentation each took place using FIJI (v1.53C).  

The following process was followed for each phase-contrast image. Two seed masks 

were created and then combined to create the final seed mask for a phase-contrast image. The 

first seed mask was created from the respective fluorescence image taken at the same timepoint 

and location as the phase-contrast image. A single user manually marked each stained nucleus in 

the fluorescence image, and a FIJI macro created a seed mask from the user’s selections. This 

seed mask consisted of dots that represented each selected nucleus. Then, the macro 
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superimposed this seed mask on top of the respective phase-contrast image. The same user then 

selected the remaining cells that were not transfected with the nuclear stain, and therefore not 

marked in the first seed mask, using the superimposed phase-contrast image. The macro created 

a second seed mask based on the user’s selection of cells. The two seed masks were combined to 

create a final seed mask for the phase-contrast image.  

After seed mask creation, verification of each seed mask was performed. The final seed 

mask was superimposed on the phase-contrast image. For each of these superimposed images, 

the same user who performed the cellular selection and seed mask creation manually verified that 

each cell was present in each seed mask and updated the seed masks by adding any cells that 

were missed in the initial selection process.  

MorphoLibJ (v1.4.2.1) was then used to segment the phase-contrast images. To optimize 

the accuracy of the segmentation, the “Marker-Controlled Watershed” function was used to 

segment the phase-contrast image with the seed mask as a guide. The “Kill Border” function was 

used to remove all cells bordering the image such that cells that were not entirely within the field 

of view were removed from the data analysis. “Analyze Regions” was used to calculate the area, 

perimeter, circularity, object-oriented bounding box length and width, and ellipse orientation. 

These results were exported to a .csv file  to process within Microsoft Excel. 

In Excel, a VBA macro was used for preliminary data processing and calculation of IAR. 

The macro removed the data points corresponding to “cells” with an area less than 1.0 µm2, since 

this was a segmentation error made by MorphoLibJ. In the raw data from MorphoLibJ, the 

ellipse orientation values ranged from -90o to 90o. The macro was used to convert negative angle 

values to positive values such that the angles ranged from 0o to 90o, which allowed for more 

accurate comparison between previous microvascular endothelial cell studies. Angles below 90o 



45 

 

were converted into positive angles by adding 90o. To calculate each cell’s inverse aspect ratio 

(IAR), its object-oriented bounding box length was divided by its width.  

4.3.2 Image Processing: Fluorescence Images 

For the fluorescence images, a similar process was followed. This process included 

segmentation, manual verification of proper segmentation, and morphological data calculation 

within FIJI.  Then, the data was exported into Excel and processed. 

The images were first segmented using FIJI with a threshold and watershed process 

[166]. First, the scale of pixels to microns was set (pixel aspect ratio: 1.0, unit of length: micron, 

scale: 4.5455 pixels/µm). The images were converted to 8-bit images and the smooth function 

was used. Then, a Gaussian Blur filter with a radius of 1 mm was used. Auto Thresholding 

(v1.17) was run with white objects on a black background to create a binary image of isolated 

nuclei. Lastly, an erode function was used to distinguish between nuclei in close proximity. 

Thresholding resulted in Regions of Interest (ROI), each of which was either a stained nucleus or 

stained nuclear debris in the fluorescence image. This process was performed using a macro, 

which required no manual input.  

This entire segmentation process was performed in duplicate for each fluorescence 

image. The first segmentation took place with a smaller threshold to detect brightly stained 

nuclei (using the “Intermodes white” setting of AutoThreshold), and the second segmentation 

took place with a larger threshold (using the “Triangles white” setting of AutoThreshold) to 

detect moderately to dimly stained nuclei. This was done to account for the variation in 

brightness of the nuclear stain.  

After each automated segmentation process, manual verification of each ROI was 

performed by a single user. Any ROI larger than the majority of other ROI or had an area smaller 
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than 1.0 µm2 were deleted. A few ROI that inaccurately captured the shape of a nucleus were 

deleted and replaced with the manual creation of an elliptical ROI. After manual verification, the 

nuclear parameters were calculated by FIJI. The nuclear area, perimeter, circularity, aspect ratio 

(AR), and orientation angle were then exported into .csv files. 

In Excel, a VBA macro was used to calculate the IAR by taking the inverse of the AR 

and to adjust the range of the orientation angles. The nuclear orientation angles in the raw data 

varied from 0o to 180o. For the orientation angles between 90o and 180o, 90o was subtracted. This 

converted the angles to be within the range of 0o and 90o, allowing for direct comparison to the 

cellular orientation angles. 

4.3.3  Statistical Analysis 

Before statistical analysis was performed, the morphological data from each of the 6 

imaging locations for both repeats under the same fluid shear stress and time point was compiled 

in Microsoft Excel. Statistical analysis was performed using R (v3.6.1, RStudio v1.2.5033, 

RStudio, Inc.). The Excel spreadsheets containing the morphological data resulting from image 

processing and preliminary data processing were imported into R. Repeat datasets were 

combined. Summary statistics were then calculated using the “summary” function. These 

included mean, median, standard deviation of the mean, and interquartile range. To assess the 

distribution of the data, the “skewness” function was used, histograms were created, and a 

Shapiro-Wilks Normality Test was performed. Additionally, boxplots were created to display the 

distribution of morphological data with potential outliers shown as open symbols.  

The “Number of Potential Outliers” function was used to identify potential outliers in 

each dataset. Then, two statistical tests were used: an unpaired, two-sided, two-sample Student’s 

t-test and an unpaired, two-sided, two-sample Mann-Whitney U-test. The difference between 
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these two tests is that the student’s t-test assumes a normal distribution of data and compares the 

means of the datasets, and the Mann-Whitney U-test is a nonparametric test that compares the 

medians of the datasets. For both tests, a p value less than 5.00E-02 was considered statistically 

significant. 

Two tests were performed for each nuclear and cellular morphological parameter: (1) 

comparison of morphological parameters at different fluid shear stress values with time held 

constant and (2) comparison of morphological parameters with respect to time with fluid shear 

stress held constant. This provided an analysis of (1) the dependence of morphology on fluid 

shear stress and (2) the dependence of morphology on time. Each of these tests were performed 

twice, once with potential outliers included and once with potential outliers removed.  

4.4  Results 

4.4.1  Phase-Contrast Image Processing 

 Image processing of the phase-contrast images was successful in meeting objective 1: to 

segment the phase-contrast images at 24, 48, and 72 hours at the 6 imaging locations and 

calculate cellular morphological data (area, perimeter, orientation, circularity, and IAR) from the 

images using MorphoLibJ. A representative phase-contrast image of the 16 dyn/cm2 flow 

condition is shown in Figure 4.5.  
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Figure 4.5: Representative phase-contrast image for the 16 dyn/cm2 condition. 

The first step of image processing was using the original fluorescence image to create the first 

seed mask (Figure 4.6A). Then, the original phase-contrast image (Figure 4.5) was used as a 

reference to create the second seed mask (Figure 4.6B).  

 

Figure 4.6: Demonstration of seed mask creation. (A) First seed mask, created using the 

fluorescence image as a guide, superimposed on the phase-contrast image. The phase-contrast 

image is in red to allow for better visualization of the seed mask. (B) Second seed mask, created 

using the first seed mask and phase-contrast image as a guide, superimposed on the phase-

contrast image. 
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These seed masks were combined (Figure 4.7A) and then manually verified with necessary 

modifications being made to ensure all cells were selected in the finalized seed mask (Figure 

4.7B).  

 

Figure 4.7: Demonstration of seed mask verification. (A) The combined seed mask, which was 

created by combining the first and second seed masks, superimposed on the phase-contrast 

image. (B) The finalized seed mask, which was created by reviewing the combined seed mask 

and adding markers as needed to ensure each cell was selected in the mask, superimposed on the 

phase-contrast image. 

 

The finalized seed mask and original phase-contrast image were then used in MorphoLibJ to 

segment the phase-contrast image. This segmentation is shown in Figure 4.8A. The “Kill 

Borders” function was then used to remove all cells touching the border to ensure only cells 

within the field of view of the image were analyzed. The final segmentation after using this 

function is shown in Figure 4.8B. MorphoLibJ used this segmentation to calculate the cellular 

area, perimeter, orientation, circularity, and object-oriented bounding box length and width. 
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Figure 4.8: The resulting MorphoLibJ segmentation of the phase contrast image using the 

finalized seed mask as a guide. (A) The raw MorphoLibJ segmentation. (B) After using the “Kill 

Borders” operation. 

 

4.4.2  Fluorescence Image Processing 

Image processing of the fluorescence images was successful in meeting objective 2: to 

threshold the fluorescence images at 24, 48, and 72 hours at the 6 imaging locations and utilize 

the nuclei identified by thresholding to calculate nuclear morphological data (area, perimeter, 

orientation, circularity, and IAR) from the images using FIJI;. A representative fluorescence 

image of the 16 dyn/cm2 shear stress condition is shown in Figure 4.9.  
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Figure 4.9: Representative fluorescence image taken from the 16 dyn/cm2 shear stress condition. 

Contrast was slightly adjusted in image to allow for clearer viewing of nuclei. 

 

First, thresholding was performed to capture the brightly stained nuclei as ROI. The 

resulting image showing the thresholded bright nuclei is shown in Figure 4.10A. After manual 

verification of accurate thresholding, the finalized ROI was saved. The finalized ROI resulting 

from this thresholding is overlaid on the original fluorescence image in Figure 4.10B.  

 

Figure 4.10: Demonstration of nuclear thresholding for brighter nuclei. (A) First auto 

thresholding result with brighter ROI. (B) First set of ROI identified from thresholding displayed 

on the original fluorescence image (contrast slightly adjusted for easier viewing of nuclei). 
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Then, thresholding was performed to capture the moderately stained nuclei as ROI. The resulting 

image showing the thresholded nuclei is shown in Figure 4.11A. After manual verification of 

accurate thresholding, the finalized ROI was saved. The finalized ROI resulting from this 

thresholding is overlaid on the original fluorescence image in Figure 4.11B.  

 

Figure 4.11: Demonstration of nuclear thresholding for dimmer nuclei. (A) Second Auto 

Thresholding result with dimmer ROI. (B) Second set of ROI identified from thresholding 

displayed on the original fluorescence image (contrast slightly adjusted for easier viewing of 

nuclei). 

 

Lastly, the ROI taken from both thresholding procedures were combined to create the finalized 

ROI from which the nuclear morphology was measured. The ROI are shown superimposed onto 

the original fluorescence image in Figure 4.12. FIJI then calculated each nuclear area, perimeter, 

orientation, circularity, and AR. 
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Figure 4.12: Demonstration of nuclear thresholding result. Combined ROI between those 

obtained from bright thresholding and dim thresholding are shown superimposed on the original 

fluorescence image. ROI were manually verified by visual comparison with the original 

fluorescence image. 

 

4.4.3  Compilation of Data and Preliminary Processing 

The protocols performed were successful in meeting the third objective: to compile the 

data for each timepoint by combining the data from the 6 imaging locations for each flow 

condition and process the data in Excel. 

4.4.4  Statistical Analysis 

The statistical analysis was successful in meeting the fourth objective: to analyze the 

morphological data using statistical analysis to determine trends in the morphological data as 

time increases from 24 to 72 hours and as fluid shear stress increases from 0.3 dyn/cm2 to 32 

dyn/cm2. 
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The results from the skewness test, Shapiro-Wilk normality tests, and histogram creation 

indicated that most of the data taken from each individual repeat (155 datasets) were not 

normally distributed, with only a few datasets (15 datasets) being normally distributed. In 

addition, the potential outliers function identified three morphological parameters that did not 

have any outliers, regardless of fluid shear stress magnitude and time point: cellular orientation, 

cellular IAR, and nuclear orientation.  

For most of the statistical tests, the results for the student’s t-test and the Mann-Whitney 

U-test were in agreement. Out of 180 tests, both statistical tests provided the same conclusion for 

169 tests with the potential outliers removed.  

4.5 Discussion 

4.5.1 Data Distribution and Statistical Conclusions 

Due to the non-normal distribution of the data, the statistical analysis results will be 

presented from the Mann-Whitney U-test with potential outliers removed. Results will be 

provided in the format of median (25th percentile, 75th percentile).  

4.5.2 Choices in Data Analysis 

As previously mentioned, the bubble formation occurred during the pseudo-static 

condition in the fluid shear stress experiments. Due to air bubbles obscuring the view of the cells 

at the first two imaging locations during the pseudo-static experiments, the choice was made to 

remove the first two of the eight imaging locations from image processing and data analysis. 

Thus, image processing and data analysis was performed on six imaging locations. Images taken 

at locations 3 through 8 were processed to obtain morphological data at 24, 48, and 72 hours of 

exposure to fluid shear stress.  
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Another choice was made to exclude the data collected during the first repeat of the 32 

dyn/cm2. Each experimental condition was performed in duplicate. In addition to this, the same 

individual performed the cell culture procedures for both repeats of the 0 dyn/cm2, 0.3 dyn/cm2, 

and 16 dyn/cm2 conditions. However, due to confirmed COVID-19 exposure days before the 

first 32 dyn/cm2 repeat was scheduled, this individual was unable to perform the cell culture 

procedure for this repeat. The second repeat was conducted later in time, allowing this individual 

to conduct the cell culture procedure for the second repeat of the 32 dyn/cm2 condition. 

However, there were visible differences in morphology of HMEC-1 between the first and second 

repeats of 32 dyn/cm2, which was likely due to minor differences in manual resuspension of the 

cells and supernatant removal between the two individuals. These differences could have been 

significant due to the very low volume of cell resuspension (300 µl) and affected the morphology 

of the cells. Thus, the data for this first repeat of 32 dyn/cm2 was not included in the image 

processing or analysis procedures. 

4.6 Conclusion 

 The image processing of the phase-contrast and fluorescence images resulted in the 

collection of cellular and nuclear morphological data on HMEC-1 exposed to three different 

fluid shear stress conditions over time. Statistical analysis was then performed to identify trends 

in the data, which provided insight into the dependence of HMEC-1 morphology as time 

increased from 24 to 72 hours and as fluid shear stress increased from 0.3 to 32 dyn/cm2. The 

procedures used for image processing and statistical analysis were successful in quantifying the 

morphological response of HMEC-1 to fluid shear stress over time. The statistical analysis 

indicated a non-normal distribution of most of the data. Due to this non-normal distribution, the 

next chapter will present the results from the non-parametric statistical analysis. 
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CHAPTER 5 

RESULTS 

5.1 Overview 

 The analysis of the morphological parameters illustrated the effect of time and fluid shear 

stress on HMEC-1 morphology. The cellular and nuclear morphological responses of HMEC-1 

are complex and dependent on the fluid shear stress value and timepoint. Although the 

morphological parameters change under certain increases in fluid shear stress and time points, 

the trends in the morphological data obtained from non-parametric statistical analysis do not 

indicate that HMEC-1 align and elongate in response to 0.3, 16, or 32 dyn/cm2. The results will 

be presented below for cellular and nuclear alignment (measured by orientation), elongation 

(measured by circularity and IAR), and size (measured by area and perimeter). Due to the non-

normal distribution of the data, the statistical analysis results will be presented from the Mann-

Whitney U-test with potential outliers removed and results will be provided in the format of 

median (25th percentile, 75th percentile). Statistical significance was determined by p value less 

than 5.00E-02. 

5.2 Comparison Between Pseudo-Static and Static Conditions 

There was a visible increase in number of cells and cobblestone morphology of the cells 

as fluid shear stress increased from 0 dyn/cm2 (~449 cells in each repeat) to 0.3 dyn/cm2 (~770 

cells in each repeat) when comparing the phase-contrast images of these two conditions after 72 

hours, as shown in Figure 5.1. There was an increase in the number of nuclei as fluid shear stress 

increased from 0 dyn/cm2 (~152 nuclei in each repeat) to 0.3 dyn/cm2 (~223 nuclei in each 

repeat) when comparing the fluorescence images of these two conditions after 72 hours, which is 

also shown in Figure 5.1. 
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Figure 5.1: Comparison of cellular and nuclear morphology between the static condition (0 

dyn/cm2) at 73 hours and the pseudo-static condition (0.3 dyn/cm2) at 72 hours. (A) 

Representative phase-contrast image of the static (no flow) condition after 73 hours of exposure. 

(B) Representative fluorescence image of the static (no flow) condition after 73 hours of 

exposure. (C) Representative phase-contrast image of the pseudo-static (0.3 dyn/cm2) condition 

after 72 hours of flow exposure. (D) Representative fluorescence image of the pseudo-static (0.3 

dyn/cm2) condition after 72 hours of flow exposure. 

 

The morphological data from the static (0 dyn/cm2) condition at 73 hours was compared 

to the data from the pseudo-static (0.3 dyn/cm2) condition at 72 hours. The statistical analysis 

detected statistically significant differences in 8 of the 10 cellular and nuclear parameters 

between these two conditions. 

The median cellular area decreased from 627 (413, 875) µm2 at 0 dyn/cm2 to 469 (304, 

520) µm2 at 0.3 dyn/cm2, with statistical significance (p = 5.44E-31). The median cellular 

perimeter also decreased from 132 (103, 164) µm at 0 dyn/cm2 to 108 (83, 136) µm at 0.3 

dyn/cm2, with statistical significance (p = 1.65E-34). The median cellular circularity increased 
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from 0.46 (0.38, 0.53) at 0 dyn/cm2 to 0.51 (0.43, 0.59) at 0.3 dyn/cm2, with statistical 

significance (p = 1.97E-27). The median cellular IAR increased from 0.63 (0.52, 0.74) at 0 

dyn/cm2 to 0.68 (0.58, 0.79) at 0.3 dyn/cm2, with statistical significance (p = 3.20E-13).  

The median nuclear area decreased from 127 (89, 164) µm2 at 0 dyn/cm2 to 91 (66, 128) 

µm2 at 0.3 dyn/cm2, with statistical significance (p = 1.01E-15). The median nuclear perimeter 

also decreased from 44 (37, 50) µm at 0 dyn/cm2 to 37 (32, 43) µm at 0.3 dyn/cm2, with 

statistical significance (p = 3.07E-16). The median nuclear circularity decreased from 0.85 (0.81, 

0.88) at 0 dyn/cm2 to 0.84 (0.79, 0.88) at 0.3 dyn/cm2, with statistical significance (p = 4.43E-

03). The median nuclear IAR decreased from 0.76 (0.67, 0.83) at 0 dyn/cm2 to 0.72 (0.64, 0.81) 

at 0.3 dyn/cm2, with statistical significance (p = 1.07E-03).  

The median cellular orientation remained approximately the same at 45o for 0 dyn/cm2 

and 0.3 dyn/cm2, as there was not a statistically significant difference between these two 

conditions (p = 8.36E-01). Additionally, the median nuclear orientation remained approximately 

the same at 45o for 0 dyn/cm2 and 0.3 dyn/cm2, as there was not a statistically significant 

difference between these two conditions (p = 3.55E-01).  

Therefore, the cellular and nuclear size decreased as fluid shear stress increased from 0 to 

0.3 dyn/cm2. The nuclear elongation decreased, and cellular elongation increased as fluid shear 

stress increased from 0 to 0.3 dyn/cm2. The cellular and nuclear orientation angle remained 

approximately the same, which indicates a lack of alignment, as fluid shear stress increased from 

0 to 0.3 dyn/cm2. This indicates some differences in morphology between the static and pseudo-

static conditions. 

 

 



60 

 

5.3 Comparison Between Flow Conditions 

 Figure 5.2 provides a visual comparison between the cellular morphology under the three 

conditions and the transient effects of fluid shear stress on HMEC-1. All three conditions do not 

appear to induce cells to elongate or align in the flow direction. This was verified quantitatively, 

which will be presented next.  

 

Figure 5.2: Comparison between representative phase-contrast images of the pseudo-static (0.3 

dyn/cm2), low flow (16 dyn/cm2), and high flow (32 dyn/cm2) conditions at 24 hours, 48 hours, 

and 72 hours of fluid shear stress exposure. These phase-contrast images were used to capture 

HMEC-1 cellular morphology, including elongation and orientation. 

 

Figure 5.3 displays a comparison between the fluorescence images capturing the nuclear 

morphology under each flow condition over time. In each of the flow conditions, the nuclei do 

not appear to have elongated and aligned in the flow direction after 72 hours of exposure to shear 

stress. However, there does appear to be a difference in the number of stained nuclei between the 
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three conditions. There is an ~80% decrease in stained nuclei in the 32 dyn/cm2 condition 

compared to the other conditions.  

 

Figure 5.3: Comparison between representative fluorescence images of the pseudo-static (0.3 

dyn/cm2), low flow (16 dyn/cm2), and high flow (32 dyn/cm2) conditions at 24 hours, 48 hours, 

and 72 hours after flow began. These images were used to capture HMEC-1 nuclear morphology, 

including elongation and orientation. 

 

Comparing the number of cells in Figure 5.2 to the number of stained nuclei in Figure 5.3 

indicates that not all nuclei were transfected. To compare this quantitatively, the number of 

segmented cells and stained nuclei for each fluid shear stress condition and timepoint were 

compiled. This data is shown in Table 5.1 and indicates that the number of cells was dependent 

on the fluid shear stress condition and the timepoint. 
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TABLE 5.1 

NUMBER OF SEGMENTED CELLS AND STAINED NUCLEI 

 
Notes: For the 0.3 and 16 dyn/cm2 conditions, the cell and nuclei counts were compiled from both repeats. 
For the 32 dyn/cm2 condition, the cell and nuclei counts were taken from the second repeat. 

 

The percentage of transfected nuclei, as calculated by the ratio of the number of stained 

nuclei to the number of segmented cells, was determined for each fluid shear stress condition. 

The percentage of transfected nuclei was 39% for 0.3 dyn/cm2, 79% for 16 dyn/cm2, and 11% for 

32 dyn/cm2. This is based on the sum of the number of segmented cells and the sum of the 

number of transfected nuclei at 24, 48, and 72 hours for each fluid shear stress condition.  

5.4 Cellular Orientation 

The statistical tests indicated that there was not a statistically significant difference in the 

median cellular orientation angle as time increased from 24 to 72 hours and fluid shear stress 

remained the same for 0.3 dyn/cm2 (p = 4.66E-01), 16 dyn/cm2 (p = 4.55E-01), and 32 dyn/cm2 
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(p = 2.99E-01). This indicates that cellular orientation was independent of time. The median 

cellular orientation angle for the 0.3 dyn/cm2 and 32 dyn/cm2 condition was around 45o at each 

timepoint. The median cellular orientation angle for the 16 dyn/cm2 condition was around 41o at 

each timepoint. These median values and the lack of dependence on time can be seen in Figure 

5.4, which shows the distribution of the cellular orientation angle data for each fluid shear stress 

value and time point. 

 

Figure 5.4: Boxplots depicting the distribution of cellular orientation data for the three fluid 

shear stress conditions as measured at 24, 48, and 72 hours of flow exposure. The notch in the 

boxplot depicts the median data. No outliers were present in this data. Statistically significant 

differences between dataset medians, as indicated by Mann-Whitney U-test, are depicted with an 

asterisk. 
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Because the potential range for the orientation angle was from 0o and 90o, the median cellular 

orientation angle values represent a seemingly random orientation without a preferred direction 

amongst the cells at these timepoints. This indicates that HMEC-1 did not align in the flow 

direction for 0.3, 16, and 32 dyn/cm2 from 24 to 72 hours. 

Next, the cellular orientation was compared at varying fluid shear stress levels under the 

same time points. At the 72-hour time point, the median cellular orientation angle decreased as 

fluid shear stress increased from 0.3 dyn/cm2 at 45 (23, 68)o to 16 dyn/cm2 at 38 (14, 71)o and 

then increased slightly as fluid shear stress increased from 16 dyn/cm2 to 32 dyn/cm2 at 44 (20, 

68)o. Only the decrease in cellular orientation angle from 0.3 dyn/cm2 to 16 dyn/cm2 was 

statistically significant (p = 6.53E-03).  

5.5 Cellular Circularity and IAR 

The statistical analysis of circularity with respect to time found a statistically significant 

increase in median cellular circularity as time increased from 24 to 72 hours for the 0.3 dyn/cm2 

(p = 1.84E-04), 16 dyn/cm2 (p = 2.63E-06), and 32 dyn/cm2 (p = 1.74E-03) conditions. For all 

three of these conditions, this change occurred between 24 and 48 hours, as there was a 

statistically significant difference between the median cellular circularity at 24 and 48 hours but 

not at 48 and 72 hours.  

The statistical analysis did not detect a statistically significant difference in median 

cellular IAR as time increased from 24 to 72 hours for 16 dyn/cm2 (p = 1.28E-01) and 32 

dyn/cm2 (p = 5.09E-01) conditions.  In both of these conditions, the median cellular IAR 

remained close to 0.61. This indicates that cellular IAR was independent of time under these 

conditions and that HMEC-1 did not elongate under each of these fluid shear stress magnitudes 

over time.  
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The analysis did indicate a statistically significant increase in the median cellular IAR as 

time increased from 24 hours to 72 hours for the pseudo-static (0.3 dyn/cm2) condition (p = 

3.93E-04). Further analysis indicated that this change in median cellular IAR occurred between 

24 and 48 hours for the 0.3 dyn/cm2 condition, as there was a statistically significant difference 

between the median cellular IAR values at 24 and 48 hours (p = 1.53E-03) and not between the 

values at 48 and 72 hours (p = 7.52E-01). In the 0.3 dyn/cm2 condition, the cellular IAR was 0.66 

(0.56, 0.77) after 24 hours, 0.68 (0.56, 0.77) after 48 hours, and 0.68 (0.58, 0.79) after 72 hours. 

The distribution of the datasets at each shear stress value and time point for cellular circularity is 

shown in Figure 5.5A, and the distribution of cellular IAR data is shown in Figure 5.5B. 

 

Figure 5.5: Boxplots depicting the distribution of (A) cellular circularity and (B) cellular IAR 

data for the three fluid shear stress conditions as measured at 24, 48, and 72 hours of flow 

exposure. The notch in the boxplot depicts the median data. Outliers are depicted by circles. 

Statistically significant differences between dataset medians, as indicated by Mann-Whitney U-

test, are depicted with an asterisk. 

 

 The statistical analysis of cellular circularity with respect to fluid shear stress at 72 hours 

found that the median cellular circularity decreased as fluid shear stress increased from 0.3 
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dyn/cm2 at 0.51 (0.43, 0.59) to 16 dyn/cm2 at 0.50 (0.40, 0.58) and then remained the same as 

fluid shear stress increased from 16 dyn/cm2 to 32 dyn/cm2 at 0.50 (0.40, 0.59). There was a 

statistically significant difference between the median cellular circularity at 24 hours (p = 3.96E-

05), 48 hours (p = 7.58E-08), and 72 hours (p = 7.44E-03) as fluid shear stress increased from 

0.3 dyn/cm2 and 16 dyn/cm2.  Thus, this difference began somewhere between 0 and 24 hours of 

flow exposure. In addition, there was a statistically significant difference between the median 

cellular circularity at 16 dyn/cm2 and 32 dyn/cm2 at 48 hours (p = 1.40E-02) but not at 24 hours 

(p = 1.09E-01) or 72 hours (4.61E-01). This suggests a transient change in cellular circularity 

between 24 and 48 hours of flow exposure. 

 The statistical analysis of cellular IAR with respect to fluid shear stress at 72 hours 

concluded that the median cellular IAR decreased as fluid shear stress increased from 0.3 

dyn/cm2 at 0.68 (0.58, 0.79) to 16 dyn/cm2 at 0.60 (0.48, 0.72) and then increased as fluid shear 

stress increased from 16 dyn/cm2 to 32 dyn/cm2 at 0.62 (0.50, 0.74). These changes in cellular 

IAR were statistically significant.  

Further investigation provided information on when these differences in cellular IAR 

arose. As fluid shear stress increased from 0.3 to 16 dyn/cm2, there was a statistically significant 

difference in median cellular IAR after 24 hours (p = 1.99E-10), after 48 hours (p = 1.43E-32), 

and after 72 hours (p = 4.92E-37) of flow exposure. This indicates that the differences in these 

data points occurred between 0 and 24 hours. As fluid shear stress increased from 16 to 32 

dyn/cm2, there was not a statistically significant difference between the medians until after 72 

hours (1.01E-02). This indicates that the differences in these data points occurred between 48 

and 72 hours.  
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5.6 Cellular Area and Perimeter 

 As time increased from 24 to 72 hours, there was a statistically significant decrease in 

median cellular area for the 0.3 dyn/cm2 (p = 1.24E-16) and 16 dyn/cm2 (p = 2.23E-16) 

conditions. For the 32 dyn/cm2 condition, the median cellular area values after 24 and 72 hours 

did not differ with statistical significance (p = 5.29E-02). The median cellular area in this flow 

condition appeared to increase as time increased from 24 to 48 hours and then to decrease as 

time increased from 48 to 72 hours. However, these changes were not statistically significant.  

Median cellular perimeter followed a similar trend. As time increased from 24 to 72 hours, there 

was a statistically significant decrease in median cellular perimeter for the 0.3 dyn/cm2 (p = 

7.18E-15), 16 dyn/cm2 (p = 1.86E-16), and 32 dyn/cm2 (p = 1.04E-02) conditions.  

 After 72 hours of flow exposure, the median cellular area increased as fluid shear stress 

increased from 0.3 dyn/cm2 at 469 (304, 520) µm2 to 16 dyn/cm2 at 609 (414, 696) µm2 and then 

decreased as fluid shear stress increased from 16 dyn/cm2 to 32 dyn/cm2 at 523 (333, 736) µm2. 

These changes in cellular area were statistically significant (p = 5.58E-29, p = 3.18E-10). Further 

analysis indicated these changes in median cellular area occurred between 0 and 24 hours, as the 

changes were statistically significant at all three time points that were analyzed. As fluid shear 

stress increased from 0.3 dyn/cm2 to 16 dyn/cm2, there was also a statistically significant 

increase in median cellular area at hour 24 (p = 5.40E-27) and hour 48 (p = 4.59E-34). As fluid 

shear stress increased from 16 dyn/cm2 to 32 dyn/cm2, there was also a statistically significant 

decrease in median cellular area at hour 24 (p = 4.51E-23) and hour 48 (p = 1.66E-12). 

The median cellular perimeter followed the same pattern. There was an increase in 

median cellular perimeter as fluid shear stress increased from 0.3 dyn/cm2 at 108 (83, 136) µm to 

16 dyn/cm2 at 124 (97, 159) µm and then a decrease as fluid shear stress increased from 16 
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dyn/cm2 to 32 dyn/cm2 at 117 (87, 148) µm. These changes in cellular perimeter were statistically 

significant as well (p = 6.40E-21, p = 3.39E-06). Further analysis indicated these changes in 

median cellular perimeter occurred between 0 and 24 hours, as the changes were statistically 

significant at all three time points that were analyzed. As fluid shear stress increased from 0.3 

dyn/cm2 to 16 dyn/cm2, there was also a statistically significant increase in median cellular 

perimeter at hour 24 (p = 5.27E-22) and hour 48 (p = 4.72E-29). As fluid shear stress increased 

from 16 dyn/cm2 to 32 dyn/cm2, there was also a statistically significant decrease in median 

cellular perimeter at hour 24 (p = 8.81E-16) and hour 48 (p = 1.53E-10). These trends can be 

seen in the boxplots in Figure 5.6, with Figure 5.6A demonstrating the distribution of cellular 

area data and Figure 5.6B displaying the distribution of cellular perimeter data.  

 

Figure 5.6: Boxplots depicting the distribution of (A) cellular area and (B) cellular perimeter data 

for the three fluid shear stress conditions as measured at 24, 48, and 72 hours of flow exposure. 

The notch in the boxplot depicts the median. Outliers are depicted by circles. Statistically 

significant differences between dataset medians, as indicated by Mann-Whitney U-test, are 

depicted with an asterisk. 
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Thus, analysis of the response of HMEC-1 to the varying levels of fluid shear stress over time 

indicated a dependence of cellular area and cellular perimeter on time and fluid shear stress. 

5.7 Nuclear Orientation  

The statistical tests indicated that there was not a statistically significant difference in the 

median nuclear orientation as time increased from 24 to 72 hours and fluid shear stress remained 

the same. This indicates that nuclear orientation is independent of time. The median nuclear 

orientation angle for the 0.3 dyn/cm2 and 16 dyn/cm2 condition was around 45o at each 

timepoint. The median cellular orientation angle for the 32 dyn/cm2 condition was around 40o at 

each timepoint. Because the potential range for the orientation angle was from 0o and 90o, the 

median nuclear orientation values represent a seemingly random orientation without a preferred 

direction amongst the nuclei at these timepoints. This indicates that HMEC-1 nuclei did not align 

in the flow direction over time under these fluid shear stress values.  

 Furthermore, the statistical tests concluded that there was not a statistically significant 

difference in the median nuclear orientation as fluid shear stress increased at the same time 

points. At 72 hours, there was not a statistically significant difference in median nuclear 

orientation angle as fluid shear stress increased from 0.3 dyn/cm2 at 46 (22, 67)o to 16 dyn/cm2 at 

49 (21, 72)o (p = 3.55E-01) and then to 32 dyn/cm2 at 43 (28, 59)o (p = 4.50E-01). This indicates 

that nuclear orientation was also independent of fluid shear stress magnitude. Therefore, HMEC-

1 nuclei did not increase alignment in the flow direction as fluid shear stress increased. The 

independence of HMEC-1 nuclear orientation with respect to time and fluid shear stress can be 

seen in Figure 5.7, which shows the distribution of the nuclear orientation data for each fluid 

shear stress value and time point. 
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Figure 5.7: Boxplots depicting the distribution of nuclear orientation data for the three fluid shear 

stress conditions as measured at 24, 48, and 72 hours of flow exposure. The notch in the boxplot 

depicts the median data. There were no outliers in this data.  Statistically significant differences 

between dataset medians, as indicated by Mann-Whitney U-test, are depicted with an asterisk. 

 

5.8 Nuclear Circularity and IAR 

 The statistical analysis indicated that there was not a statistically significant difference in 

median nuclear circularity in the 0.3 dyn/cm2 condition as time increased from 24 to 72 hours (p 

= 7.74E-01). There was also not a statistically significant difference in median nuclear IAR in 

the 0.3 dyn/cm2 condition as time increased from 24 to 72 hours (p = 9.12E-01). 

For the 16 dyn/cm2 condition, the median nuclear IAR had a statistically significant 

increase between 24 and 72 hours (p = 4.02E-02). Further analysis indicated a statistically 

significant change between 48 and 72 hours (p = 2.37E-02 ), but there was not a statistically 
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significant difference between 24 and 48 hours (p = 9.82E-01). This indicates that the difference 

in nuclear IAR occurred between 48 and 72 hours. This trend was the same for the median 

nuclear circularity. 

For the 32 dyn/cm2 condition, the median nuclear circularity had a statistically significant 

increase in the median value between 24 and 72 hours (p = 2.24E-03) and between 48 and 72 

hours (p = 3.51E-02) but not between 24 and 48 hours (p = 6.80E-01). This indicates that the 

increase in nuclear circularity took place between 48 and 72 hours. Similarly, the nuclear IAR 

for the 32 dyn/cm2 condition had a statistically significant increase in the median value between 

24 and 72 hours (p = 5.69E-04), but there was not a statistically significant difference in the 

median value between 24 and 48 (p = 8.60E-02) or between 48 and 72 hours (p = 3.43E-01). 

 At 72 hours, the median nuclear circularity decreased as fluid shear stress increased from 

0.3 dyn/cm2 at 0.84 (0.79, 0.88) to 16 dyn/cm2 at 0.83 (0.78, 0.87) and then remained the same as 

fluid shear stress increased from 16 dyn/cm2 to 32 dyn/cm2. There was a statistically significant 

decrease in median nuclear circularity after 24 hours (p = 1.04E-09), 48 hours (p = 1.43E-17), 

and 72 hours (p = 3.12E-02) as fluid shear stress increased from 0.3 dyn/cm2 to 16 dyn/cm2. 

Conversely, there was not a statistically significant difference in median nuclear circularity after 

24 hours (p = 1.67E-01), 48 hours (1.66E-01), or 72 hours (p = 2.76E-01) as fluid shear stress 

increased from 16 dyn/cm2 to 32 dyn/cm2.  

The median nuclear IAR remained approximately the same at 0.70 as the fluid shear 

stress increased. There was not a statistically significant difference in median nuclear IAR at 

hour 72 as fluid shear stress increased from 0.3 dyn/cm2 to 16 dyn/cm2 (p = 2.47E-01) and then 

to 32 dyn/cm2 (p = 1.08E-01). However, further analysis revealed there was a statistically 

significant decrease in median nuclear IAR after 24 hours (p = 8.04E-04) and 48 hours (p = 
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1.36E-12) as fluid shear stress increased from 0.3 dyn/cm2 to 16 dyn/cm2. This indicates a 

transient change in median nuclear IAR, given the lack of a significant difference between these 

two parameters after 72 hours. Conversely, there was not a statistically significant difference in 

median nuclear IAR as fluid shear stress increased from 16 dyn/cm2 to 32 dyn/cm2 at 24 hours (p 

= 9.08E-02) and 48 hours (p = 6.98E-01) of flow exposure. This indicates an independence of 

IAR on fluid shear stress as it increased from 16 to 32 dyn/cm2. These trends can be seen in 

Figure 5.8, which shows the distribution of the nuclear circularity data in Figure 5.8A and 

distribution of the nuclear IAR data in Figure 5.8B under each flow condition and time point. 

 

Figure 5.8: Boxplots depicting the distribution of (A) nuclear circularity and (B) nuclear IAR 

data for the three fluid shear stress conditions as measured at 24, 48, and 72 hours of flow 

exposure. The notch in the boxplot depicts the median data. Outliers are depicted by circles. 

Statistically significant differences between dataset medians, as indicated by Mann-Whitney U-

test, are depicted with an asterisk. 

 

5.9 Nuclear Area and Perimeter  

 The transient response of nuclear area and nuclear perimeter followed the same trends in 

HMEC-1. As time progressed within each fluid shear stress condition, the median nuclear area 
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and perimeter decreased slightly with a lack of statistical significance for the 0.3 dyn/cm2 and 16 

dyn/cm2 conditions. The statistical analysis indicates that for the 32 dyn/cm2 condition, there was 

not a statistically significant difference between the median nuclear area between 24 and 72 

hours (p = 5.70E-01), but there is a statistically significant decrease in median nuclear area 

between 24 and 48 hours (p = 1.35E-02) and a statistically significant increase between 48 and 

72 hours (p = 4.69E-02). The statistical results for the median nuclear perimeter had the same 

conclusions. In the 32 dyn/cm2 condition, there was a statistically significant difference in 

median nuclear perimeter between 24 and 48 hours (p = 8.78E-03) and between 48 and 72 hours 

(p = 3.90E-02), but this parameter was not statistically different between 24 and 72 hours (p = 

7.07E-02).  

The nuclear area and perimeter were also found to be dependent on fluid shear stress 

magnitude. At 72 hours, the median nuclear area increased as fluid shear stress increased from 

0.3 dyn/cm2 at 91 (66, 128) µm2 to 16 dyn/cm2 at 119 (82, 153) µm2 and then decreased as fluid 

shear stress increased from 16 dyn/cm2 to 32 dyn/cm2 at 105 (78, 137) µm2. The increase in the 

median nuclear area is statistically significant (p = 4.37E-11), but the decrease in the median 

nuclear area is not statistically significant (p = 6.01E-02). Further analysis revealed that as fluid 

shear stress increased from 0.3 dyn/cm2 to 16 dyn/cm2, there was also a statistically significant 

increase in median nuclear area at 24 hours (p = 5.46E-09) and 48 hours (p = 3.47E-07) of flow 

exposure. Thus, the median nuclear area was statistically different between these two flow 

conditions at each time point. This was not the case as fluid shear stress increased from 16 

dyn/cm2 to 32 dyn/cm2, as the decrease in median nuclear area was statistically significant at 24 

hours (p = 5.74E-03) and 48 hours (1.04E-06) but not at 72 hours (p = 6.01E-02) as fluid shear 

stress increased.  
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At 72 hours, the median nuclear perimeter increased as fluid shear stress increased from 0.3 

dyn/cm2 at 37 (32, 43) µm to 16 dyn/cm2 at 42 (35, 48) µm and then decreased as fluid shear 

stress increased from 16 dyn/cm2 to 32 dyn/cm2 at 39 (34, 45) µm. The increase in median 

nuclear perimeter is statistically significant (p = 1.83E-13), but the decrease in median nuclear 

perimeter is not statistically significant (p = 5.69E-02). Further analysis revealed that as fluid 

shear stress increased from 0.3 dyn/cm2 to 16 dyn/cm2, there was also a statistically significant 

increase in median nuclear perimeter at 24 hours (p = 9.23E-11) and 48 hours (p = 8.54E-09) of 

flow exposure. Thus, the median nuclear perimeter was statistically different between these two 

flow conditions at each time point. This was not the case as fluid shear stress increased from 16 

dyn/cm2 to 32 dyn/cm2. During this increase, the decrease in median nuclear perimeter was 

statistically significant at 48 hours (p = 1.70E-06) but not at 24 hours (p = 1.17E-01) or at 72 

hours (p = 5.69E-02). This indicates a transient response of HMEC-1 with respect to the nuclear 

perimeter. These trends can be seen in Figure 5.9, which shows the distribution of the nuclear 

area data in Figure 5.9A and distribution of the nuclear perimeter data in Figure 5.9B under each 

flow condition and time point. 



75 

 

 

Figure 5.9: Boxplots depicting the distribution of (A) nuclear area and (B) nuclear perimeter data 

for the three fluid shear stress conditions as measured at 24, 48, and 72 hours of flow exposure. 

The notch in the boxplot depicts the median data. Outliers are depicted by circles. Statistically 

significant differences between dataset medians, as indicated by Mann-Whitney U-test, are 

depicted with an asterisk. 
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CHAPTER 6 

DISCUSSION 

6.1 Overview 

The current perception in the literature is that all endothelial cells will align and elongate 

in the flow direction in response to an applied unidirectional, laminar shear stress. This 

perception has been established due to the numerous studies conducted on HUVEC and BAEC. 

These larger endothelial cells are easy to obtain and culture, which has made them the most used 

cell lines in studies on endothelial cell morphology. However, this focus on human umbilical 

vein endothelial cells (HUVEC) and bovine aortic endothelial cells (BAEC) has led to a gap in 

the literature on the morphological response of microvascular endothelial cells in response to 

fluid shear stress. A few recent studies have begun to investigate the morphological response of 

immortalized and induced pluripotent stem cell derived human brain microvascular endothelial 

cells (HBMEC) [7-9], primary mouse cardiac microvascular endothelial cells [10], primary 

mouse lung microvascular endothelial cells [10], and primary human lung microvascular 

endothelial cells [92] in response to fluid shear stress. These studies have demonstrated that the 

response of microvascular endothelial cells to fluid shear stress depends on the endothelial cell 

type, with lung microvascular endothelial cells aligning and elongating in the flow direction and 

brain and cardiac microvascular endothelial cells resisting elongation and alignment.  

Although these studies are insightful and novel, there is still a gap in the literature on 

many other microvascular endothelial cell types, including dermal microvascular endothelial 

cells. Therefore, in this research, the morphological response of dermal microvascular 

endothelial cells (HMEC-1) to steady and unidirectional laminar flow was quantified and 

analyzed at 24, 48, and 72 hours using five cellular and nuclear morphological parameters: 
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orientation, circularity, IAR, area, and perimeter. The purpose of this research was to contribute 

to filling the gap in the literature on the morphological response of dermal microvascular 

endothelial cells in response to steady and unidirectional laminar fluid shear stress. The results of 

this work demonstrate the complex morphological response of HMEC-1 to steady and 

unidirectional fluid shear stress that is dependent on the magnitude of fluid shear stress applied. 

Comparison of this morphological response to that of other endothelial cell types illustrates the 

heterogeneity between endothelial cells of different sizes and tissues of origin.  

6.2 Comparison of Nuclear and Cellular Morphological Responses of HMEC-1 to Fluid 

Shear Stress and Time 

 The nuclear morphological response to fluid shear stress in HMEC-1 was comparable to 

that of the cellular morphological response in this study. Most of the trends in morphological 

parameters with respect to time and fluid shear stress were in agreement between cells and 

nuclei, but there was some variation in cellular and nuclear morphology.  

Both the nuclear and cellular orientation were independent of time from 24 to 72 hours 

for 0.3, 16, and 32 dyn/cm2. This indicates that HMEC-1 nuclei and membranes did not align in 

the flow direction over time when exposed to 0.3, 16, and 32 dyn/cm2. The cellular orientation 

angle decreased as fluid shear stress increased from 0.3 to 16 dyn/cm2 and then remained the 

same as it increased from 16 to 32 dyn/cm2 at 72 hours, whereas nuclear orientation was 

independent of fluid shear stress at each timepoint. Thus, the cellular orientation of HMEC-1 

indicated increased alignment in the flow direction as fluid shear stress increased from 0.3 to 16 

dyn/cm2, followed by a lack of alignment as fluid shear stress increased to 32 dyn/cm2. The 

nuclear orientation of HMEC-1 was independent of time and fluid shear stress.   
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 The cellular circularity displayed a time-dependent increase from 24 to 72 hours in all 

three flow conditions, whereas the nuclear circularity only increased over time for the 16 and 32 

dyn/cm2 conditions. This indicates a decrease in cellular and nuclear elongation under these 

conditions and timepoints. Both the cellular and nuclear circularity decreased as fluid shear stress 

increased from 0.3 to 16 dyn/cm2 and then remained the same as fluid shear stress increased 

from 16 to 32 dyn/cm2. This trend shows an increase in cellular and nuclear elongation during 

the increase from 0.3 to 16 dyn/cm2, which is then followed by a lack of elongation as fluid shear 

stress increased to 32 dyn/cm2. 

 The cellular IAR was independent of time for the 16 and 32 dyn/cm2 conditions and had a 

time-dependent increase during exposure to 0.3 dyn/cm2. The nuclear IAR, on the other hand, 

displayed a time-dependent increase for the 16 and 32 dyn/cm2 conditions and was independent 

of time during exposure to 0.3 dyn/cm2. The increase in IAR indicates a decrease in elongation. 

The cellular IAR decreased as fluid shear stress increased from 0.3 to 16 dyn/cm2 and then 

increased as fluid shear stress increased from 16 to 32 dyn/cm2. This indicates that cellular 

elongation increased as fluid shear stress increased from 0.3 to 16 dyn/cm2 and then decreased  

as fluid shear stress increased from 16 to 32 dyn/cm2. The nuclear IAR was independent of fluid 

shear stress, indicating a lack of elongation in HMEC-1 nuclei. 

 Cellular area displayed a time-dependent decrease in the 0.3 and 16 dyn/cm2 conditions 

but was independent of time in the 32 dyn/cm2 condition. Nuclear area was independent of time 

for all three flow conditions. Cellular perimeter decreased over time in all three flow conditions, 

whereas nuclear perimeter was independent of time in all three flow conditions.  

Cellular area and perimeter increased as fluid shear stress increased from 0.3 to 16 

dyn/cm2 and then decreased as fluid shear stress increased from 16 to 32 dyn/cm2. Both of these 
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changes were statistically significant. Nuclear area and perimeter also displayed a significant 

increase as fluid shear stress increased from 0.3 to 16 dyn/cm2, but nuclear area and perimeter 

displayed a non-significant trend of decreasing as fluid shear stress increased from 16 to 32 

dyn/cm2. 

The majority of morphological data in the literature has been collected on the cellular 

response of endothelial cells instead of the nuclear response. Therefore, the next section will 

include a comparison of HMEC-1 cellular morphological responses to fluid shear stress to that of 

other endothelial cells in vitro.  

6.3 Comparison of HMEC-1 Cellular Morphology to Other Endothelial Cells 

6.3.1 Cellular Orientation 

Cellular orientation with respect to the flow direction is commonly used to measure the 

degree of alignment of endothelial cells in response to fluid shear stress. In HMEC-1, cellular 

orientation was independent of time as it increased from 24 to 72 hours during exposure to the 

fluid shear stress conditions of 0.3 dyn/cm2, 16 dyn/cm2, and 32 dyn/cm2. For 0.3 dyn/cm2 and 

32 dyn/cm2, the median cellular orientation was around 45o at each timepoint. For 16 dyn/cm2, 

the median cellular orientation was around 41o. This aligns with the finding that the orientation 

angle was approximately 45o and independent of time from 0 to 72 hours in HBMEC exposed to 

steady, unidirectional fluid shear stress values of 4, 8, 12, and 16 dyn/cm2 [8]. This behavior 

differs from the time-dependent decrease in orientation angle and increase in alignment observed 

in HUVEC [8] and BAEC [75, 77, 78] during exposure to unidirectional, laminar fluid shear 

stress ranging from 5 to 85 dyn/cm2. Additionally, it differs from primary human lung 

microvascular endothelial cells that showed a time-dependent decrease in orientation angle and 
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subsequent increase in alignment after 72 hours of exposure to unidirectional, pulsatile fluid 

shear stress that gradually increased from 2.5 to 15 and then to 21 dyn/cm2 [92]. 

In HMEC-1, cellular orientation angle decreased as fluid shear stress increased from 0.3 

to 16 dyn/cm2 at 72 hours of flow exposure and then remained approximately the same as fluid 

shear stress increased from 16 to 32 dyn/cm2 at 72 hours of flow exposure. This contrasts with 

the evidence that HBMEC cellular orientation is independent of fluid shear stress from 0 to 16 

dyn/cm2 [8] and that primary mouse E4 cardiac microvascular endothelial cell orientation 

remains unchanged after 12 hours of exposure to 4 dyn/cm2 [10]. It also differs from the 

observation of a consistent decrease in cellular orientation angle and subsequent increase in 

alignment in HUVEC [8], BAEC [77-79], primary mouse lung microvascular endothelial cells 

[10], and primary human lung microvascular endothelial cells [92] as fluid shear stress increases.  

The change shown in HMEC-1 from an increase in alignment in the flow direction to a 

decrease in alignment after fluid shear stress does not align entirely with the current data 

available on the change in alignment of other endothelial cell types in the literature. It also 

indicates that HMEC-1 orientation is dependent on the fluid shear stress magnitude applied, as 

the change in orientation trends occurred when fluid shear stress increases above 16 dyn/cm2.  

6.3.2 Cellular Circularity and IAR 

Circularity and IAR are commonly used to measure cellular elongation. Both have an 

inverse relationship with elongation. In previous studies on BAEC [77], the circularity and IAR 

followed the same trend of decreasing as fluid shear stress and time increased. This decrease in 

circularity and IAR indicates an increase in ellipsoidal shape and elongation. However, in 

HMEC-1, the cellular circularity and IAR did not follow the same trends. 
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 In HMEC-1, cellular circularity was dependent on time under each flow condition. The 

median cellular circularity increased as time increased from 24 to 72 hours for 0.3, 16, and 32  

dyn/cm2. Increasing circularity indicates that the cells are becoming more circular in shape and 

less elongated. This increase in cellular circularity illustrates the transient response of HMEC-1 

to fluid shear stress, with the cells becoming less elongated as time increases. This contrasts with 

the observation of BAEC becoming more ellipsoidal and elongated over time when exposed to 

fluid shear stresses between 5 and 10 dyn/cm2 [75].  

 In contrast to cellular circularity, the cellular IAR in HMEC-1 was not dependent on time 

for each flow condition. At 16 and 32 dyn/cm2, the cellular IAR remained approximately the 

same around 0.61 as time increased from 24 to 72 hour. This lack of elongation over time aligns 

with the observation of IAR being independent of time and remaining around 0.64 in HBMEC 

exposed to fluid shear stresses of 0, 4, 8, 12, and 16 dyn/cm2 for 36 hours [8]. It also aligns with 

the independence of cellular AR, the inverse of IAR, of primary mouse microvascular cardiac 

endothelial cells exposed to 4 dyn/cm2 for 12 hours [10]. It contrasts with the observation of the 

time-dependent increase in elongation in HUVEC [8] and primary lung MVEC [92].  

 For HMEC-1 after 72 hours of fluid shear stress exposure, cellular circularity decreased 

as fluid shear stress increased from 0.3 to 16 dyn/cm2 and then remained approximately the same 

as fluid shear stress increased from 16 to 32 dyn/cm2. This shows an initial increase in elongation 

followed by no change in elongation. Additionally, at 72 hours, cellular IAR decreased as fluid 

shear stress increased from 0.3 to 16 dyn/cm2 and then increased as fluid shear stress increased 

from 16 to 32 dyn/cm2, which indicates an initial increase in elongation followed by a decrease 

in elongation. These trends in the data are another indication that HMEC-1 morphology is 
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dependent on the magnitude of fluid shear stress applied and differs from the morphological 

response of other endothelial cells.  

In HBMEC, the cellular IAR remains around 0.65 as laminar fluid shear stress increases 

from 4 to 16 dyn/cm2, demonstrating an independence of cellular IAR on fluid shear stress in this 

cell type [8]. In contrast, HUVEC [80], BAEC [77, 79], primary mouse lung microvascular 

endothelial cells [10], and primary human lung microvascular endothelial cells [92] exhibit a 

decrease in cellular IAR as laminar fluid shear stress increases. Furthermore, in HUVEC [81, 

80], BAEC [76, 77], and baboon carotid artery endothelial cells [167], cellular circularity 

decreases as laminar fluid shear stress increases. The decreases in cellular IAR and circularity 

represent an increase in elongation as fluid shear stress increases.  

The initial increase in elongation in HMEC-1 aligns with the perception in the literature 

of increasing elongation as fluid shear stress increases, but this only occurs as fluid shear stress 

increases to 16 dyn/cm2. After fluid shear stress increases to 32 dyn/cm2, there is a decrease in 

elongation. This trend has not been observed in other endothelial cell types.  

6.3.3 Cellular Area and Perimeter 

 Area and perimeter are two morphological parameters used to quantify the size of 

endothelial cells in morphological studies. In HMEC-1, the cellular area decreased between 24 to 

72 hours for the 0.3 and 16 dyn/cm2 conditions. The cellular perimeter decreased over time 

during exposure to 0.3, 16, and 32 dyn/cm2. This trend indicates a dependence of cellular size on 

time and aligns with the behavior of HBMEC, whose cellular area was shown to monotonically 

decrease over time from 0 to 36 hours during exposure to 4, 8, and 12 dyn/cm2 [8]. The same 

study found that HUVEC area decreased within the first 12 hours of flow and then remained 

constant from 12 to 72 hours during exposure to 4, 8, and 12 dyn/cm2 [8]. This decrease in area 
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was accompanied by a cobblestone-like morphology that then transitions to the elongated, 

spindle-like morphology that has been observed in other HUVEC [80] as well as BAEC [77]. 

HMEC-1 appears to react similarly to HBMEC instead of HUVEC in its trend of decreasing 

cellular area at 0.3 and 16 dyn/cm2.  

The trends in cellular area and perimeter of HMEC-1 differed during exposure to the 32 

dyn/cm2 condition. Cellular area was approximately the same over time from 24 to 72 hours 

when exposed to 32 dyn/cm2. This is another demonstration of the fluid shear stress-dependent 

morphological response of HMEC-1 that differs above and below 16 dyn/cm2.  

 At 72 hours of flow exposure, the cellular area and perimeter of HMEC-1 increased as 

fluid shear stress increased from 0.3 to 16 dyn/cm2 and then decreased as fluid shear stress 

increased from 16 to 32 dyn/cm2. An increase in cellular area was also observed in HBMEC as 

fluid shear stress increased from 4 to 16 dyn/cm2 shortly after flow exposure began [8], but this 

study did not look into fluid shear stress above 16 dyn/cm2. Another study found that primary 

mouse cardiac microvascular endothelial cells decreased in size by 14% after exposure to 4 

dyn/cm2 for 12 hours, whereas primary mouse lung microvascular endothelial cells did not have 

any significant changes in cell size during exposure to the same fluid shear stress after 12 hours 

[10]. Thus, HMEC-1 and HBMEC show an increase in cell area as fluid shear stress increases up 

to 16 dyn/cm2, which differs from mouse cardiac and lung microvascular endothelial cells. 

6.3.4 Summary 

HMEC-1 orientation, IAR, and area followed similar trends to HBMEC [8, 9] over time 

under 16 dyn/cm2. HMEC-1 orientation and IAR were mostly independent of time from 24 to 72 

hours, showing a lack of alignment and elongation under 16 and 32 dyn/cm2. HMEC-1 area also 

decreased from 24 to 72 hours when exposed to 0.3 and 16 dyn/cm2. These trends were observed 
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in HBMEC under 0, 4, 8, 12, and 16 dyn/cm2 as time increased from 0 to 72 hours [8]. 

Additionally, HMEC-1 and HBMEC followed similar trends in area as fluid shear stress 

increased. HMEC-1 area increased as fluid shear stress increased from 0.3 to 16 dyn/cm2, and 

HBMEC area increased as fluid shear stress increased from 0 to 16 dyn/cm2 [8].  

However, as fluid shear stress increases to 16 dyn/cm2, the trends in orientation and IAR 

of HMEC-1 and HBMEC differs. HMEC-1 display slightly increased alignment and elongation 

as fluid shear stress increases from 0.3 to 16 dyn/cm2, whereas HBMEC resists alignment and 

elongation as fluid shear stress increases from 0 to 16 dyn/cm2 [8]. The increase in HMEC-1 

alignment and elongation is similar to the response of HUVEC [80] and BAEC [75], although 

these increases in HMEC-1 alignment and elongation are less significant than that of the larger 

endothelial cells. However, BAEC have been shown to display increased alignment and 

elongation as fluid shear stress increases above 16 dyn/cm2 [76, 77], whereas HMEC-1 did not 

align and elongate as fluid shear stress increased from 16 to 32 dyn/cm2.  

 The varying responses of HMEC-1 cellular morphology are dependent on the fluid shear 

stress magnitude applied, with changes in trends occurring as fluid shear stress increases from 16 

to 32 dyn/cm2 for most morphological parameters. Some of the morphological responses of 

HMEC-1 align with responses observed in HBMEC, whereas some of them partially align with 

HUVEC and BAEC. However, the morphological response of HMEC-1 is not entirely the same 

as that of HBMEC, HUVEC, BAEC, or other endothelial cell types in the literature. This is a 

demonstration of the heterogeneity of endothelial cells. 

6.4 Limitations 

 Due to the lack of information on the morphological response of HMEC-1 to fluid shear 

stress, these findings are novel and valuable. However, this was a preliminary study with 
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limitations. These limitations include the lack of other flow types than steady, unidirectional, and 

laminar flow, the inclusion of only three fluid shear stress magnitudes over time, the lack of data 

on the cytoskeleton in response to fluid shear stress, and the non-uniform staining of nuclei. The 

inclusion of F-actin data in addition to cellular and nuclear data was initially intended to be 

included in this study, but issues with the mounting medium prevented collection of this data. 

Moreover, these experiments were conducted in vitro on an immortalized cell line. This 

allows for others to easily replicate these experiments and further explore the in vitro HMEC-1 

morphological response to fluid shear stress. However, the morphological response of HMEC-1 

in vitro is less applicable to the in vivo functions of dermal microvascular endothelial cells, as 

studying this cell type in vitro isolates it from other cell types and elements of its 

microenvironment that are present in vivo.  

 Another limitation is the smaller population of 32 dyn/cm2 data. The choice was made to 

exclude the 32 dyn/cm2 data in the first repeat of this experimental condition from the image 

processing and data analysis process. The morphology of HMEC-1 in this condition appeared to 

be affected by the variation in the individual performing the manual cell culture. This resulted in  

less cellular morphology datasets being analyzed for this condition compared to the other fluid 

shear stress conditions, which may make any differences in cellular data more significant. 

Furthermore, the decrease in stained nuclei for this condition resulted in less nuclear datasets for 

this condition than the other two conditions. The reason behind the dimmer nuclear stain in the 

32 dyn/cm2 experiments was explained previously. The delay in conducting the 32 dyn/cm2 

experiments was because of Wichita State University being on lockdown in response to the 

COVID-19 pandemic.  
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CHAPTER 7 

CONCLUSIONS 

The valuable insight into the morphological response of HMEC-1 to steady, 

unidirectional, laminar flow and fluid shear stresses of 0.3, 16, and 32 dyn/cm2 illustrates the 

complexity and heterogeneity of endothelial cells. HMEC-1 do not appear to uniformly elongate 

or align in response to increasing fluid shear stress and time as observed for HUVEC [80], 

BAEC [75], primary mouse lung microvascular endothelial cells [10], and primary human lung 

microvascular endothelial cells [92]. However, HMEC-1 do not entirely resist elongation and 

alignment in response to increasing fluid shear stress and time as observed for HBMEC and 

primary mouse cardiac microvascular endothelial cells [7-10].  

The complexity of the morphological responses of HMEC-1 to fluid shear stress and time 

highlight the dependence of HMEC-1 morphology with respect to fluid shear stress values above 

and below 16 dyn/cm2. These novel findings contribute to filling the gap in the literature on the 

response of HMEC-1 to fluid shear stress. However, further data is needed to better understand 

the morphological response of HMEC-1 to fluid shear stress. The fluid shear stress-induced 

elongation and alignment of larger endothelial cells has been shown to be dependent on 

cytoskeletal reorganization, with the cytoskeleton of endothelial cells aligning and elongating in 

the flow direction [45, 46]. Conversely, the cytoskeleton of HBMEC did not align or elongate in 

the direction of applied fluid shear stresses from 0 to 16 dyn/cm2 [8]. Therefore, investigating the 

cytoskeletal organization in HMEC-1 after exposure to fluid shear stress could provide further 

insight into the morphological response of these cells to fluid shear stress.  

Moreover, fluid shear stress has been shown to regulate angiogenesis in capillaries in vivo 

[145, 146] and in HUVEC in vitro [147, 148], but this topic has not been explored in HMEC-1. 
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Future work could investigate the impact of fluid shear stress on the regulation of angiogenic 

genes in HMEC-1, as angiogenesis is an important function of these cells. This will provide 

insight into how fluid shear stress regulates HMEC-1 function, which will aid in filling the gap 

in the literature on this topic.  
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APPENDIX A 

MORPHOLOGICAL DATA 

A. Morphological data for each fluid shear stress value and time point  

1. Cellular morphological data, presented as median (25th percentile, 75th percentile) 
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2. Nuclear morphological data, presented as median (25th percentile, 75th percentile) 

 


