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ABSTRACT 
 
 

 Algal oils are considered to be the promising alternative of natural source of energy, but 

the lipid accumulation and lipid productivity of microalgae is logistically difficult. This research 

overcomes the above challenges by culturing spirulina algae in ten gallon fish tank in laboratory 

with optimum growth conditions over a period of 40 days. Then, the lipid content was increased 

by growing microalgae in stressful conditions under low light and low nutrient supply. The easiest 

and cost effective method of harvesting was implemented. Thus, obtained algae biomass was 

sundried and 36% of oil was extracted using solvent extraction technique with a solvent mixture 

of about 100ml of chloroform and methanol in a ratio of 2 to 1 (v/v.) for every 5 grams of 

microalgae biomass. 

 The research investigates the obtained algal oil with FT-IR and NMR technique to assess 

the functional groups, triglycerides, and fatty acids, and to prove the oil to be legible for further 

intended usage. Ultra-sonication technique was implemented on the algal oil in water mixed SDS 

(surfactant) to make stable nanoemulsions. Nanoemulsions, which were assessed through UV-

visible technique, generated promising results, a maximum absorbance 2.63 at a wavelength of 

346nm (λmax= 346nm). Nanoemulsions with different SDS concentrations and constant sonication 

time of 10 min depicted better results. The particle size analysis through DLS (Dynamic Light 

Scattering) was an important approach made in the research to perceive the meta-stable nature of 

nanoemulsions. The particle size of the algal oil was reduced to a 17.92nm when emulsified with 

0.2 wt. % SDS in water and it remained stable. This study may open up new possibilities for 

developing nanoemulsions of algal oil for future applications in food related products, fuel blends 

and cosmetics as it has good absorbency rates and stability. 
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CHAPTER 1 

 
INTRODUCTION 

 
 
1.1 Background 

 
The rapid extinction of fossil fuels, increasing population using  crude oil, and unevenly 

rising  crude oil prices have contributed to one of the global problems challenging the world. Most 

of the world’s energy essentials are for industrial purposes, transportation, and general household 

purposes. Electricity constitutes only 30% of world’s energy, while  nearly 70% depends on fossil 

fuels, which is considered to be a serious problem. The enormous increase in the world population 

is directly proportional to energy demand, which made persistent dependence on fossil fuels for 

the generation of energy another serious energy catastrophe to be considered [1]. The emission of 

carbon dioxide in the atmosphere used to be around 280 ppm in the olden days and now it has 

increased to 420 ppm, which is almost an increase of 60% and being increased at an average of 

2.4 % per annum. The significance of the high figures on world’s energy consumption has in turn 

caused pollution has become a global issue [2]. As an alternative to fossil fuels, biomass energy 

has been emerging as a standby of renewable energy. Biomass energy is typically produced by 

algae, which are earthly crops for conversion into bio crude and biogases. The evolution of 

producing biofuel using corn began in early 1970s in the United States and Brazil and achieved 

remarkable results [3]. Bio fuels have become interestingly the alternative to all the challenges 

regarding the fossil fuels. Biodiesel is considered to be an admissible substitute for diesel engines 

due to its chemical, environmental, and calculated uses. Biodiesel is chemically known to be 

mono-alkyl esters of long fatty acids and is produced from animal fats and vegetable oils. [4]. The 

noteworthy effects on people, manufacturing, and world’s economy caused by changes in the 

environment are unchangeable. Therefore, searching for the most required and in demand energy 
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supply is the world’s major requirement. [1]. Nanotechnology, abbreviated to nanotech, is the 

investigation of how to control matter on a nuclear and sub-atomic scale. For the most part, 

nanotechnology manages structures measured between 1 to 100 nanometers in no less than one 

measurement and includes creating materials or gadgets inside that size. The utilization of 

nanotechnology in the field of pharmaceutics and drug conveyance has become popular in recent 

years, so strikingly that the pharmaceuticals created on the premise of this innovation are termed 

as Nanopharmaceuticals. Among the nanopharmaceuticals currently being utilized or scrutinized 

are nanoemulsions, nanosuspensions, nanospheres, carbon nanotubes, micellar nanocarriers 

(polymeric micelles), nanocapsules, lipid nanoparticles, self-nanoemulsifying frameworks, and 

dendrimers. 

1.2 Motivation 

Algae plants are known for their fast growth and are termed as third generation energy 

sources. Algae can be grown easily in any water conditions. Algae can be nourished in different 

substrates, too. In light of the fact, in order to develop algae cost-viably on carbon dioxide, there 

would need to be concentrated wellsprings of the bio-oils, for example, those found in burning off-

gasses from fossil energized power plants. Oil can frame up to half of the algae mass. Interestingly 

with the best oil-bearing plants, are oil palm trees where less than 20% of the biomass is made out 

of it. Algae sugars can additionally be made into ethanol or gasified into bio-gas, either methane 

or hydrogen. Microalgae have many useful characteristics which enables it to be used in several 

ways. The characteristics of many algal species comprise of high protein content, high lipid rate, 

and carbohydrates, which have impelled research in wide range of uses. The usage varies from 

food supplements to biofuels, and in phytoremediation. The exponential growth of algae with 

effective nutrients makes it useful for food supplements. The algal oil extracted from harvested 
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biomass can be used in many ways. These oils can be converted into bio-fuels or processed to food 

grade oils. These oils can also be processed with high mechanical shears, which rupture the cells 

and form nanoemulsions. The bioavailability of algal oils can be enhanced by the nanoemulsion 

of the oil and yogurt as food medium. Some other applications of nanoemulsions include 

cosmetics, as Mucosal Vaccines, in Cell Culture Technology, sunscreen formulations, anti-ageing 

products, and as drug delivery system. 

1.3 Objective 

 Many types of algal species can be grown in any water conditions. But algae with high 

protein content and nutrients cannot be cultured in all types of water conditions. These kinds of 

microalgae should be grown in fresh water lakes or ponds. The studies in this report were made to 

demonstrate a good technique for both algae growth and harvesting. Nearly 60% of algae 

processing costs accounts for harvesting, so a cost effective harvesting technique was implemented 

in this research. Many extraction techniques were investigated and the best technique for dry 

biomass powder was implemented. This paper reports the studies of the obtained algal oil which 

was processed to form nanoemulsions with particle size measurement techniques and microscopic 

studies. Major objectives of the research are: 

 Cost effective and high lipid production 

 Making stable nanoemulsions 

 Decreasing the oil’s particle size 
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CHAPTER 2 

 
LITERATURE REVIEW 

 
 
2.1  Biofuel 

The energy which is acquired through the process of biological carbon fixation is known 

as biofuel. It is a hydrocarbon compound formally considered as liquid transportation fuels made 

from animal fats, marine plants like algae, and ground vegetables. Biofuels are usually compatible 

with trains, cars, airplanes, and trucks [5]. Ethanol and biodiesel are the chief origins of biofuels. 

An alcohol named ethyl (chemically ethanol) is produced from viable feedstock such as potatoes, 

maize, and cassava. Biodiesel is usually a light to dark yellowish liquid that is incompatible with 

water and possesses low vapor pressure with a high boiling point. It is also understood to be diesel-

identical derived fuel, which can be used straight away in unmodified diesel engines. It has the 

same properties as actual diesel like non-toxicity and biodegradability, and produces fewer net 

carbon dioxide emissions than petro-based diesel [6]. The American Society for Testing and 

Materials (ASTM) describes biodiesel as chemically known to be mono-alkyl esters of long fatty 

acids and is produced from animal fats and vegetable oils. “Bio” represents renewable and “diesel” 

refers to compatibility with diesel engines. [7]. The first incarnation of biodiesel was made in the 

year 1912 as an alternative to fossil fuels. Biodiesel can also be mixed with petroleum-based diesel. 

Rudolf Diesel in the year 1912 stated that “the use of vegetable oils for diesel engines may not be 

quite useful today but in course of time they become as crucial as coal tar products and petroleum 

as of present generation” [6].The distinct origins of biodiesel are soybean oils, cotton seed oils, 

jatropha, and beniseed oils. Greenhouse gas and toxic gas emissions are reduced by the usage of 

biofuels. The improvement and usage of the biofuels was initiated by the late 1980s However, 
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second generation biofuel is at the initial evolution stage of development and many favorable 

studies are being completed to make it commercially available. 

2.1.1 Feed Stock 

 The optimum amount of biodiesel produced in United States is from soybean oil, but other 

oils like sunflower oil and canola oil are also used. In addition to this, oil waste, vegetable oils, 

and animal fats are also used. Biodiesel can be processed from any lipid content or fats, algae, and 

the vegetable oils obtained from oil seed crops such as sunflowers, peanuts, cottonseed, mustard, 

and castor beans. 

 This study focuses mainly on microalgae, as it can be grown in any climate, yield a high 

value feedstock as by product, and have enough lipid content which gives a good oil content which 

is desirable for biodiesel production. 

2.1.2 Composition of Algae Biomass 

 Microalgae cells are a type of eukaryotic cell that contain chloroplasts and  a nucleus. The 

microalgae’s biomass consists of several compounds, such as proteins and lipids, which make up 

organelles. The composition of biomass is very important to knowing which microalgae species 

are useful in processing biodiesel, as the lipid content varies. 

 Algal biomass usually consists of three preferred components: proteins, lipids and 

carbohydrates. The oil made from microalgae is in the form of triacylglycerides (TAGs), as shown 

in Figure 1., which is the correct form of oil used for producing biodiesel. Microalgae are the 

prominent spotlight in algae to biofuel arena [8]. Terrestrial crops do not grow as fast as 

microalgae. Microalgae usually double for every 24 h. During the peak stage of growth the algae 

may double every 3.5h [9] 
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Figure 1. Molecular structure of triacylglycerol [9] 
 

Oil contents of microalgae are between 20-50% (dry weight) on an average (see Table 1), but some 

algae strains like Botryococcus braunii have an oil content of almost 80% or  Neochloris 

oleoabundans with 65% oil content [10]. The fatty acids attached to the TAG can be long and short 

chain hydrocarbons. The shorter the chain length, the more they are ideal for creation of biodiesel. 

The long chains may have other beneficial uses. Many species of alga have been examined for 

their production capabilities of fatty acids (DHA (Docosa Hexaenoic Acid) 22:6) [11] 

TABLE 1 
 

OIL CONTENT IN SOME SPICES OF MICROALGA [10] 
 

Microalga Oil content (% dry weight) 

Botryococcus braunii 25-80 
Chlorella protothecoides 23-30 
Chlorella vulgaris 14-40 
Cylindrotheca sp. 16-37 
Dunaliella salina 14-20 
Neochloris oleoabundans 35-65 
Nitzschia sp. 45-47 
Phaeodactylum tricornutum 20-30 
Schizochytrium sp. 50-77 
Spirulina maxima 4-9 

 

2.1.3 Microalgae vs Macroalgae 

 Algae are mainly classified into two categories: macro algae and microalgae. Macro algae 

are large in size and contain multi-cellular algae. They are often seen growing in ponds. These 

algae can grow in many varying ways. The largest multi-cellular algae are seaweed. One specific 

example of seaweed is the giant kelp plant, which can grow all the way through 25m in length. 

CH2O-OCHCH2CH2…………..CH2CH3 
CHO-OCHCH2CH2…………..CH2CH3 
CH2O-OCHCH2CH2…………..CH2CH3 
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Contrary to the macro algae, the microalgae are tiny in size and also have unicellular shape that 

grows in suspension within any limited region of water [12]. The similarity between both the algae 

is that they grow quickly. The largest seaweed, giant kelp, is known to grow up to 80m with a 

growth rate of 50cm/day. [13]. Microalgae grow double their size in a span of hours during their 

exponential growth and stops growth at stationary phase [10]. Over the years, algae has been a 

promising crop for human use as it grows faster and unseasonably. Microalgae contains large 

numbers of lipids through which high oil content is obtained, making it a useful biofuel feedstock. 

2.1.4 Microalgae Uses 

 Microalgae have many useful characteristics which enables it to be used in several ways. 

The characteristics comprise of high protein content, high lipid rate, and carbohydrates of many 

algal species have impelled research in wide range of uses. The usage varies from food 

supplements to biofuels, and in phytoremediation. The exponential growth of algae with effective 

nutrients makes it useful for food supplements. It uses photosynthesis processes to utilize carbon 

dioxide from large scale industries, saving a part of environment from getting polluted. Another 

major use of algae is it acts as biosorpent to clean contaminated waste water streams [14]. 

2.1.4.1 Algae Food Products 

 The high growth rate and rich vitamin content of vitamins A, B1, B2, B6, and C, makes 

microalgae an attractive food supplement. One of the macro algae, seaweeds are recurrently used 

as food, both for marine and people, as they are rich in vitamins. Algae are also adequate in iodine, 

potassium, iron, magnesium, and calcium [15]. A study investigated the use of macro and micro 

algae in the production of land based Mari culture [16]. Almost all algae are rich in omega-3 fatty 

acids and are used as a component of live feed stock and dietary supplements. The algal biomass 

consists of β-carotene, minerals,  proteins, and essential amino acids mostly DHA [17]. 
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2.1.4.2 Waste Water Treatment 

 Microalgae have heaps of advantages in different ways. One study has shown the algal 

growth scale as a dial of toxicity levels in a pharmaceutical plant and a plant with an aluminum 

coating  [18]. In this study, they found an inexpensive way to measure the pollutants in the waste 

streams by creating a relation between algal growth and toxicity. The study determined if plants 

were releasing any effluents within the reported range as per government, Turkey Water Pollution 

Control Act [18]. Algae have also been used to estimate the degree of stabilization of industrial 

emissions from an oil refinery [19]. The algae cells were induced in a waste water pond, where the 

emissions created a eutrophic system that supported a continuous algal bloom. 

2.1.4.3 Reducing CO2 Emissions 

 By absorbing the dangerous carbon dioxide emissions evolving from power plants, 

microalgae is protecting the environment from being polluted [20]. Coal is one of the largest fossil 

energy sources in the world, comprising one-fourth of the coal reserves in the United States. The 

global use of coal grew over years. If at all an algae farm is built nearby industries emitting carbon 

dioxide, it can prove to be very helpful for both mankind and algae, as it absorbs carbon dioxide 

for its growth and releases oxygen. In that way, the carbon emissions released by the industries 

could be reduced. The process includes the conversion or recycling of waste carbon dioxide from 

power plants into biofuel [8]. 

2.2 Renewable Energy Resources 

The Environmental Protection Agency has published the Renewable Fuel Standard (RFS2) 

which means the second revision report is to publicize the productivity of renewable fuels. This 

report clearly delineates a plan to increase production of biofuels from 34 billion liters per year (9 
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billion gallons/yr.) in 2009 to almost 137 billion liters per year (36 billion gallons/yr.) by 2022 

[21]. The biofuel production quotas for 2014-2017 are shown in Table 2. 

TABLE 2 
 

RFS STANDARDS FOR 2014-2017 ADAPTED FROM [22] 
 

 RFS Statutory EPA Preliminary Proposal 

Category 2014 2015 2016 2017 2014 2015 2016 2017 

Cellulosic Biofuel 1.75 3.00 4.25 5.50 0.033 0.106 0.206 N/A 

Biomass-based 

Biofuel 
>1 >1 >1 >1 1.63 1.70 1.80 1.90 

Advanced Biofuel 3.75 5.50 7.25 9.00 2.68 2.90 3.40 N/A 

Total 18.15 20.50 22.25 24.00 15.93 16.30 17.40 N/A 

Implied 

Renewable Fuel 
14.00 15.00 15.00 15.00 13.25 13.40 14.00 N/A 

 

The finalized standards for the year 2016 in the case of biofuel are nearly 1 billion gallons, which 

is a rise of almost 35 % when compared to actual 2014 volumes. The total renewable standard 

craves a growth from 2014 to 2016 of nearly 1.8 billion gallons of biofuel, or a rise of 11 % when 

compared to 2014 actual volumes. Biodiesel standards rise unwaveringly over the next several 

years, with an increase of almost 2 billion gallons every year by 2017 [22]. 

2.3 Biodiesel 

Biodiesel is a biodegradable fuel which can be used in diesel engines. It is nontoxic in 

nature and is considered to be a renewable alternative to fossil fuels. Commonly, biodiesel is 

produced from oils with free fatty acids, such as animal fats, waste vegetable oils, edible oils, 

waste-type greases, and marine algae. Biodiesel is generally extracted through transesterification 
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or esterification processes, in which triglycerides are the parental oil used in extraction process. 

The triglycerides derived from fats react with alcohol (methanol) in the presence of a catalyst in a 

reaction known as transesterification or alcoholysis. Ethanol can also be used in transesterification 

process to obtain fatty acid ethyl ester biodiesel. Obtained mono-alkyl esters or monoesters are 

esters of fatty acids are also of biodiesel type. For example, the esterification process can engage 

methanol and tetrahydrofuran (THF) to yield a fatty acid ester biodiesel. [23] 

Fatty acids’ mono-alkyl esters compose fatty acids that correlate with the fats or oils used 

in transesterification process. Typically accruing oils and fats, the fatty acids of fatty acid ester 

biodiesel include  palmitic/oleic acids and linoleic. The catalyst used in the transesterification 

process may be acidic or basic in nature. Examples of base catalyst in transesterification processes 

are sodium methoxide, potassium hydroxide, sodium hydroxide, and combinations. In the process, 

not only biodiesel, but also glycerol is formed as a residue which can be further used for 

pharmaceutical applications and cosmetics. The common byproducts obtained in the process are 

water, excess alcohol, free fatty acids, and salts. 

 In general the products obtained from the transesterification process include fatty acid 

esters and glycerol. In order to attain “fuel grade” biodiesel, the obtained biodiesel must be 

separated from glycerol and other byproducts. The fuel grade is usually calculated by mono-alkyl 

esters that contented the specifications set by ASTM. The estimable standards set by ASTM for 

assessment of fatty acid mono-alkyl ester biodiesel comprises of ASTM D 6751 [23]. 

 The Table 3 shows a comparison of proposed/estimated renewable fuel volumes for the 

years 2014 to 2017.There is a high increase in the production of cellulosic biofuel in 2016 with an 

increase of almost 6 times the volume produced in 2014, standing next the advanced biofuel with 

an increase of 30% 
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TABLE 3 
 

PROPOSED RENEWABLE FUEL VOLUMES. [23] 
 

Biofuel Type 2014 2015 2016 2017 

Cellulosic 
Biofuel 

33 million 
gallon 

106 million 
gallon 

206 million 
gallon 

N/A 

Biomass-based 
Diesel 

1.63 billion 
gallon 

1.70 billion 
gallon 

1.80 billion 
gallon 

1.90 billion 
gallon 

Advanced 
Biofuel 

2.68 billion 
gallon 

2.90 billion 
gallon 

3.40 billion 
gallon 

N/A 

Total Renewable 
fuel 

15.93 billion 
gallon 

16.30 billion 
gallon 

17.40 billion 
gallon 

N/A 

 

 The biofuels have made a global impact by being commercially available and massively 

produced. But the problems regarding the feed stock, large land area, and struggle with the food 

crops, provoked many issues in contrast to the usage of biofuels [24]. The Figure 2 shows second 

generation biofuel from a lignocellulose staple that contributes a higher feasibility as it employs a 

non -food plant biomass such as agricultural residue, animal fats, and forest residues. Nonetheless, 

second generation biofuel is still at its initial roots of progress and many studies are still to be done 

to make it a potential product in the market [25]. Third generation biofuel is trending, which is 

biofuel from microalgae. It is the most adaptive way of extracting biofuel that can meet the 
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universal demand of energy which has high growth and yield biofuel and easily extracted [26].

 

Figure 2. Classification of biofuels [27] 

2.4 Current Technologies and Challenges Faced in Production of Biodiesel 

 Groundwork was carried out by the Aquatic Species Program funded by the US 

Department of Energy for conversion of algae into biodiesel in the years 1978-1996. This 

department studied the growth of algae in outdoor ponds to investigate its ability to serve as 

renewable energy resource. Almost 3000 algae species were evaluated for their growth rate, oil 

content, and carbon dioxide absorption ability, out of which nearly 300 algae species were found 

to be with enough ability and characteristics that are responsible for production of biofuels. A 

report was published by the US Department of Energy in 1988 stating that although the biofuels 

are not economically viable due to the low price of crude oil at that period, land, carbon dioxide, 

and water resources can support the growth of algae in turn improving the production of biofuels 

[28]. 

Firewood, woodchips, pellets, 
animal waste, forest and crop 

residues

1st Generation

Bioethanol or butanol by 
fermentation of starch (from 

wheat, barley and potato)
Biodiesel by transesterification 

of oil crops (rapeseed, 
soybeans and sunflower)

2nd Generation

Bioethanol and biodiesel 
produced from conventional 

technologies based on oil crops 
such as Jatropha, cassava, 

Miscanthus

3rd Geneartion

Biodiesel from microalgae, 
Bioethanol from microalgae 

and seaweeds
Hydrogen from green 

microalgae

Biofuels
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2.4.1 Availability of Resources 

 The basic requirements for growth of algae are nutrients and energy to process it into 

biofuel. The major requirement to grow algae is the photosynthesis process. The amount of energy 

required to covert algae into biodiesel was debated in review. [29]. The main reason behind the 

varying biodiesel production techniques is due to availability of resources and different growth 

conditions for different algae, as well aslocation uncertainty. A more complex approach, where 

algae growth is interlinked with the absorption of carbon dioxide: a more economically viable 

process for extraction of biomass to biofuels because of high carbon dioxide absorption, a low 

price of fuel compensated by emission reduction [30]. 

 CO2 

For every ton of algae produced, nearly 1.8 tons of carbon dioxide is absorbed [31]. The 

concentration of carbon dioxide in atmosphere constitutes 0.04% (400 parts per million) which is 

quite low for the growth of algae required for the production of biofuel [32]. In order to produce a 

high amount of biofuels, a large growth rate of algae is required, which can be obtained only 

through CO2. Sources are required that could continuously provide thousands of metric tons of 

CO2 per day. Therefore, algal growth depends on energy providing sources. Natural gas has 

combustion flue gases generally containing carbon dioxide of 12-15% by volume [33]. 

 Energy 

The term energy here refers to growing algae and converting it into biofuel. It is overlooked 

as currently there is no such operation on a commercial scale. The Figure 3 shows the energy 

required varies from species of algae cultivated, location, climatic conditions, availability of CO2, 

techniques of harvesting and conversion of it into biofuel. A large volume of water is utilized for 

the growth of algae which is an energy intensive process.  
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“Energy Input” is sum of the energy requirements of each of six steps in the process 

EROI = 𝐸𝑛𝑒𝑟𝑔𝑦 𝑂𝑢𝑡𝑝𝑢𝑡

𝐸𝑛𝑒𝑟𝑔𝑦 𝐼𝑛𝑝𝑢𝑡
 = 𝐵𝐷∗𝑢𝐵𝐷+𝐴𝑀∗𝑢𝐴𝑀

𝐴𝐵∗∑ 𝐸𝑐,𝑖𝑖=6
𝑖=1

                                (Eq. 1) 

Where: 

 EROI=Energy returned on Invested (unit less) 

 M= mass rate produced (kg/yr.); Biodiesel (BD), Algal meal (AM), algae biomass (AB) 

 U= specific energy (kWh/kg) 

 Ec,i = energy consumption of each step (kWh/kg algae dry wt.), steps 1-6. 

 An EROI of 1 means there is no net gain in the energy; the system produces exactly the energy 

needed for operation. 

 An EROI>1 produces more energy than required for the operation leading to gain in the energy 

and the process is said to be “thermodynamically feasible”. 

 An EROI of 3 is minimum for the system to be sustainable [34] 

 

Figure 3. Generalized PFD for algal biodiesel production [34] 
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According to review, researchers have calculated that EROI for an algal bio crude pilot production. 

The report showed EROI as 9.2*10-5 which is far less than 1. The resulted EROI indicates that 

more energy is required so that the system can sustain and gain net energy and the process is not 

thermodynamically viable for the fuel production. The operations that were done to produce 

biofuel were not optimal, as they consumed more energy than it contained in the algae. 

 Water 

 Water is one of the main resources needed for growth of algae. As algae are very dilute, 

they often contain 0.02-0.06%ds [35]. Nearly 2,000-5,000 kg of water needs to be separated for 

harvesting 1lk of algal biomass. The amount of water consumed by the algae depends on many 

factors, such as type of production system, type of algae, etc. Evaporation occurs for typical open 

ponds, so it requires more water than closed systems. Rainfall in open ponds disturbs the culture 

causing instability which leads to decreased productivity. A study reports nearly 23 million L/day 

(6 million gallons) of makeup water is required for an open pond algae growth system. [36]. Closed 

systems like photo bioreactors can avoid such water losses and environmental impacts, but may 

lead to cost difference and energy consumption. 

 Nutrients 

 The important or suitable nutrients required by algae to grow are N-P-K (Nitrogen, 

Phosphorous and Potassium). The nutrients are not used for growth purposes, as they usually come 

in the form of fertilizers like urea, potash, etc. Those fertilizers, once solubilized in water, are 

easily absorbed by the algae for its fast growth. CO0.48H1.83N0.01P0.01 is the molecular formula for 

micro algal biomass to calculate the minimum nutrients required for the algae growth [31]. 

Fertilizer nutrients comprise almost 30% of operating costs in the production of algae. 
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Consequently, for the sake of vie with the fossil fuels, an algal biofuel production facility should 

be placed near the place where abundant nutrients supply is available [37]. 

 Most of the municipal wastewater facilities were found to be rich source of nutrients such 

as potassium, nitrogen and phosphorus [37] [38]. Another review paper concluded that algae 

removed almost 89% of phosphorous in a span of 14 days from the municipal wastewater. [37]. 

However, MW facilities do not produce any power and will not contain required carbon dioxide 

useful for the growth of algae or biofuel production. 

 Land 

 Location for growth of algae and biofuel production depends on various factors, namely 

the volume of algae growth, the type of production, and adequate sunlight. Estimations need to be 

done regarding the location of algal biodiesel production, as it leads to low productivity if there is 

not enough sunlight. A minimum of 150C is must for the algae to survive its growth [39]. Other 

factors that influence the growth are rainfall and low evaporation supporting the lower part of the 

United States for ample algal biodiesel production [40]. A study states that among all places in the 

U.S., Louisiana was found to be perfect location for algae production in outdoor ponds due to its 

secure climate, abundant land with low cost, and ample carbon emitting sources [41]. 

 Currently, algae producing industries are focusing on food supplements instead of 

producing biofuels, as they are competitive. Earthrise bulk food supplements (earthrise.com), with 

an area of almost 110 acres of open ponds that are able to produce 550 tons/yr. of dried spirulina 

biomass as food supplements, is one of the major algal suppliers. Almost 1500-1600 acres of land 

is required for commercial scale production plant producing at least 1 million gallons/yr. 
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2.5 Selection of Algae Strains 

 Algae producers choose distinct algae strains for upscale blends grown in the algal 

biomass. High lipid rate, suitability for biofuel process, proteins and vitamins for food, feed, 

starches and carbohydrates are useful in the supplication of products. 

 Lipids are defined to be long carbon chain molecules that store the energy for the plant and 

act as structural elements in the cell membranes. Lipids are also known to be the fatty acids that 

make the plants float, enabling them to move up the water column for the photosynthesis process. 

Some of the algae species contain high lipid contents (almost of 80%), but they grow slowly which 

is a huge drawback. Some other species grows fast storing only 20% of lipids naturally, while they 

store 40% when stressed. 

 Proteins are enzymes that have large organic elements made up of amino acids which are 

positioned in a linear chain. The nutrient limitations affect the production of amino acids. Plant’s 

metabolism rate and biochemical reactions are catalyzed by the proteins. Some other proteins 

operate signals within the plants and maintain shape of the cell. 

 Algae use photosynthesis process to yield glucose from CO2. The glucose is stored in the 

form of starch; they can also make water soluble glucose but consumes large space. Starch is one 

of the important carbohydrates useful in human diet, and algal carbohydrates can easily replace 

food crop carbohydrates such as wheat, potatoes, or rice. Starches can be fermented in order to 

make out them into alcohols or biofuels. 

 An algal industry magazine shows that the Aquatic Species Program and some research in 

algal biofuels states the following properties are needed for the algal species to be satisfied for 

perfect biofuel production. 

 High photosynthetic ability 
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 Producing constant and high lipid content 

 Adjustable to adverse climatic conditions 

 Growing continuously despite of stability problem 

 Adaptable to temperatures 

 Creating low contamination when attached to sides of container in which algae is grown 

 Easy to extract with less difficulty 

 High oil content to dry weight ratio 

 Due to the wide expansion of the algae market, the algal growers may select and buy algae 

strains through online websites like oilgae.com, Alibaba.com, algaelab.org, and also some 

universities like Texas, Toronto, and Prague. 

The dissimilarities among the species composition varies vastly. Some algae contain 92% 

carbohydrates while some produce 80% lipids, while the least being proteins comprising of only 

60%. The composition is shown in the Figure 4. Selection of species is very critical, as difficulty 

arises regarding the composition for the host of structure and parameters of growth as they differ 

extensively beyond species and strains [42] 

 

Figure 4. Composition Variation across Algal species [42] 
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TABLE 4 
 

COMPOSITION OF VARIOUS ALGAE (% OF DRY MATTER) [42]. 
 
Algae Lipid content Protein Carbohydrates3 

Anabaena cylindrical 4-7 43-56 25-30 

Aphanizomenon flos-aqua 3 62 23 

Arthrospira maxima 6-7 60-71 13-16 

Botryococcus braunii 86 4 20 

Chlamydomonas rheinhar 21 48 17 

Chlorella ellipsoidea 84 5 16 

Chlorella pyrenoidosa 2 57 26 

Chlorella vulgaris 14-22 51-58 12-17 

Dunaliella salina 6 57 32 

Euglena gracilis 14-20 39-61 14-18 

Prymnesium parvum 22-38 30-45 25-33 

Porphyridium cruentum 9-14 28-39 40-57 

Scenedesmus obliquus 12-14 50-56 10-17 

Spirulina platensis 4-6 46-630 8-14 

Spirulina maxima 6-7 60-71 13-16 

Spirogyra sp 11-21 6-20 33-64 

Spirulina platensis 4-9 46-63 8-14 

Synechococcus sp 11 63 N/A 

 
When algae are starved for the necessary nutrients such as nitrogen, sulfur, and phosphorous, they 

tend to be nutrient deprivation and also produce low quality protein. This starvation cause the algae 

to increase in lipid content, but in contrary the growth and propagation are halted. Some 

researchers have developed algal strains that produce oil without harvest, making the growth of 

algae easier and has also resolved the complication of continuous growth. 
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 Brand J et al. [42] Algae expert has been investigating the algae in ponds, lakes and 

wetlands for decades. An algae science magazine shows that Dr. Bruce Rittmann has investigated 

how genetically modifying algae causes them to secrete more excess oil than expected and other 

useful byproducts. Many algal experts have probed into hybridizing algal strains by cross 

fertilization in pursuance to enhance desirable growth properties and the ease of harvest. 

 There are several algal species, and each have their own lipid content, proteins and starch 

content. The Table 4 shows the lipid content, carbohydrate, and proteins of some algal species to 

the % of dry matter which are used in biofuel production. Besides production of biofuels from 

algae, algal components are usually found in dairy products and other food ingredients. The linear 

polysaccharides’ family contains carrageenan that is useful in making up cell walls of various 

species of brown/red macro algae (seaweeds).Carrageenan is used as emulsifier in bakery and 

dairy products. 

2.5.1 Types of Algae 

 Creatures that make up the algae incorporate delegates from three kingdoms and seven 

divisions. Cyanochloranta and Prochorophyta (from Kingdom Monera), Pyrrhophyta, 

Chrysophyta, Phaeophyta, and Rhodophyta (from Kingdom Protista), and Chlorophyta (from 

Kingdom Plantae). 

 These photosynthetic living beings are a long way from solid. Researchers have ordered 

miniaturized scale algae in an assortment of classes, predominantly recognized by their 

pigmentation, life cycle, and essential cell structure. The four most essential (at any rate regarding 

wealth) are: 

1. Diatoms (Bacillariophyceae): These algae overwhelm the phytoplankton of the seas, but 

on the other hand are found in crisp and saline water. 
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2. Green Algae (Chlorophyceae): These are likewise very plentiful, particularly in freshwater. 

3. Blue-Green Algae (Cyanophyceae): Much closer to microbes in structure and association, 

these algae assume a vital part in settling nitrogen from the climate. 

4. Golden Algae (Chrysophyceae): This gathering of algae is like the diatoms. They have 

more intricate shade frameworks, and can seem yellow, chestnut or orange in shading. 

 

Types of algae: 

 

Figure 5. Staghorn algae [43] 
 
Staghorn algae, which is shown in Figure 5, look like thick strands branches till its ends. The color 

is blue-green-grey. It grows in high radiating light conditions and in slow aeration tanks. 

 

Figure 6. Red algae on bleached coral [43] 
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Red algae shown in Figure 6, family of Rhodophyta contains nearly 4000 species in it. These 

classes of algae found to be attached to some other plants. Their morphological range contains 

branched and filamentous structure. These are more food plants. One of the red algae Chondrus, 

routinely used as gelatin replacement in preserves like toothpaste and ice creams. Agar is also a 

gelatin substance made from gracilaria species. This acts as a medium for bacteria. 

 

Figure 7. Green algae [43] 
 
Green algae, which is shown in Figure 7, is of the family of Chlorophyta and comprises of almost 

9,000 to 12,000 species. These plants enclose chlorophylls a and b, carotene. Green algae vary in 

size and shape, and include single cell, colonial, and filament forms. Food is stored in the form of 

starch in paranoids. Most green algae grow in fresh water lakes or tanks, often attached to 

submerged rocks. Selected species of green algae with high lipid content and starch availability 

are considered to be a rich source for the production of biofuels (Example: Botryococcus braunii). 

 

Figure 8. Blue-green algae (Cyanobacteria) [43] 
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Blue-green algae, which is shown in Figure 8, are the most common type of algae and often grows 

in salt-water lakes, as well as fresh water lakes or tanks. They are used in many forms, but are not 

scientifically proved to be genuine. Blue-green algae are rich sources of proteins and vitamins, 

which are used for dealing many health issues like weight loss, diabetes, stress, and preventing 

heart diseases. Blue-green algae are mostly found in tropical waters with high salt content. These 

algae, if selected for the purpose of biofuel production, must chosen carefully, as they are more 

likely to be contaminated by bacteria and microcystins. However, Blue-green algae have higher 

protein contents when taken orally compared to other algae, and it is being researched for their 

other embryonic effects on immune system and viral infections [43]. 

2.5.1.1 Structure of Algae 

 Fresh water algae has been collected and used as a food supplement and bio crude since 

primeval times because of their freshness and protein content. One of the most prevalent, nostoc, 

subsist of long beaded chains and forms a gelatinous gathering of filaments. The gathering of 

filaments occurs in the form of globules in various sizes, and  looks much like the structure of 

grapes and isolated filaments are microscopic as shown in Figure 9. 

 

Figure 9. Nostoc[43] 

One of the algal species with high protein content, spirulina, involves microscopic filaments, 

which do not form oval globules, but instead mass into inflated clumps that are pushed against the 
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shore by wind. Most of the algal species emerge as threads or floating mass of filaments tenacious 

to rocks in moving water. 

 Due to its high protein content and essential fatty acids, spirulina, in powdered pattern tends 

to serve as conventional food. The content of protein % is higher in spirulina than poultry and fish 

standing next to it with 45% proteins. No other vegetable matches the protein by weight ratio 

compared to spirulina. At least 500 tons of edible spirulina is being produced by Earthrise 

Nutritionals at its 100 acre farm located in southern California. 

 Besides the nutritional values and the lipid contents, algal species selection is a a choleric 

issue for the algal producers, as the right species choice will increase the value of the products 

produced. As of now, the algal species collection gives vast information on species collected and 

makes the collected species handy at favorable cost. 

2.6 Algal Oils 

 The production or processing of algal oils involves essentially five steps. As there are 

various algal species which have different growth conditions, care should be taken in selection of 

algae strains. The main factors to be considered while selecting an algae strain for the production 

of bio oils are: 

 Easy to grow 

 Easy to cultivate 

 High lipid content 

 Easy to harvest 

 Adaptable to environment 

 Producing a high-value product that cannot be obtained in any other way. 
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The steps involved in process of bio oils are: 

 Carbon dioxide capture and delivery 

 Algae cultivation 

 Harvesting 

 Drying 

 Oil extraction 

2.6.1 Carbon Dioxide. (CO2)  

 Carbon dioxide (CO2) is considered to be one of the most essential nutrients for the 

optimum growth of any plant, including algae. Nearly all commercial algae growers bubble more 

than required quantities of carbon dioxide into their cultures to spur the growth. It is commonly 

thought that the decent delivery of carbon dioxide into the culture can double the rate of the algal 

growth.  This is one of the major expenses for the growers, though, and it adds noteworthy 

complication to their systems. 

 There is an ample (constantly increasing…) amount of carbon dioxide in the environment. 

If the culture is given proper aeration or if the paddle wheel is working properly, this is usually 

enough for proper growth of algae. If the setup is placed where there is  a lot of sunshine, and there 

is a desire for much higher growth, then the growth can be given carbon dioxide supplementation 

to enhance the growth further. Carbon dioxide should be regulated well according to the extent of 

algal growth with the help of pressure regulator (1 Psi of pressure per 2 feet of depth is needed) 

and used only in well-ventilated areas. Larger volumes of carbon dioxide supply than required may 

kill the algae leading to huge losses, so care must be taken. One of the cheaper and safer processes 

is to adopt gas escaping from the fermentation process from brewing and whiskey mash, etc. It 

does not need much skill as it is just taking the output from the fermenter and feed bubbles into 
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the tank, although it receives much absorption when the gas is in contact with the culture. Another 

way to do this is to float a membrane with weighted edges, or any dome-shaped object with its 

edges submerged in the tank and positioned in such a way that it catches the bubbles. This allows 

the carbon dioxide-rich fermented gas to be put in contact with the culture even if the bubbles rise 

and escape. Also, if there is a supply of carbon dioxide then an eye must be kept on pH, as it tends 

to drop, making the culture sensitive to incursion by polluting microorganisms if the pH falls below 

10. The occurs usually at night times, so it is better to turn off any carbon dioxide supplementation, 

as the algae only use it when there is a chance of photosynthesizing [44]. 

 Flue gas commonly constitutes about 4 to 15% of carbon dioxide. After the studies 

conducted by Negoro et al. on the culture of algae with the supplementation of flue gas, they 

reported that the SO2 and NOx present in the flue gas contributed to the growth of algae, but a few 

years later they found that there was hardly no difference with culture with supplementation of 

pure carbon dioxide. [45] 

2.6.2 Microalgae Cultivation 

 Microalgae cultivation is prominent and the first step of production in the energy 

production system. The production of the best quality feedstock is the primary motto in the 

cultivation process. With reference to study of functions and behavioral characteristics, a few 

scientific algae cultivation methods have been enclosed. As of now, the methods of cultivation for 

the microalgae production are: The open pond system and Closed Photo bioreactors system [46]. 

2.6.2.1 The Open Pond System 

 This is one of the oldest and the simplest technique for cultivation of algae in the energy 

production system. In general, the samples of microalgae are put in an open pond with water; the 

open pond is often designed in the raceway shape. The main component in it is paddle wheel, 
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which is used to mix the algae culture continuously and cycle it. Open pond systems commonly 

use shallow ponds; size ranges from one acre to several acres (typically one foot deep). In time, 

inorganic nutrients are added in the raceway. The open pond systems, which are shown in Figure 

10 and Figure 11, are designed in such a way that the feeds can be supplied along the direction of 

the paddle wheel in a cyclic mode, and microalgae will be ready to harvest in the circulation 

process. CO2 needs to be added to the algal growth to enhance the growth or to double the actual 

growth. In due course, the pH of the water should be continually monitored as high carbon dioxide 

content reduces the pH level of water. 

 

Figure 10. Microalgae raceway open pond system [47] 

Micro Bio Engineering, Inc., of San Luis Obispo, has developed a fully installed open pond 

microalgae growth systems constructed for pilot-scale production. Raceway is usually built of 

concrete. A pit is dug on the ground by the cultivation farms and a plastic liner is placed inside the 

pit to defend against soil erosion. The raceway is about 25cm deep on average, allowing the 

sunlight to pass through the algae culture. Water, inorganic nutrients, carbon dioxide, and proper 

aeration (mixing the algae with paddle wheel) are required to acquire good quality microalgae 
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products. Algae growers must ensure that there is no oxygen in the growth culture as it kills the 

algae [48]. 

 The major advantage of these ponds is low capital costs and low skill. This is the simplest 

of all microalgae cultivation techniques. The main disadvantage is that open pond systems are not 

adaptable to all environmental conditions. They are easily contaminated by the foreign 

microorganisms taking over microalgae. Another issue, the temperature uncertainty, makes the 

growth uneven. 

 

Figure 11. The open pond system microalgae production plant [49] 

2.6.2.2 Closed Photo Bioreactor System 

 The closed photo bioreactors, which are shown in Figure 12 and Figure 13, are closed 

technological equipment which provide controlled environment to culture microalgae. Some 

important types of photo bioreactors are fermentation tank and tubular photo bioreactor system. 

Among them, the tubular photo bioreactor is one of the most prominent among all photo 

bioreactors, as it is suitable for both indoor and outdoor cultivation [50]. The closed system ensures 

high productivity and also facilitates better control of the physical and environmental conditions. 
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 The tubular reactor is commonly built as a transparent system that may be plastic or glass. 

This photo bioreactor (Pbr) can be installed indoors or outdoors. If the photo bioreactors are 

installed in an indoor environment, then external light conditions are to be made in order to match 

the photosynthesis process, as the closed tubes cannot absorb carbon dioxide. The tubes can be 

installed in any form, and can be vertical, horizontal, or even in inclined direction  for a space-

saving factor. Not much different from open pond systems, closed photo bioreactors also need 

sunlight, carbon dioxide, and inorganic nutrients for the algal growth. Unlike open pond systems, 

closed photo bioreactor cannot release oxygen: so, the excess oxygen should be removed regularly 

from the system. [31] 

. 

Figure 12. A photo bioreactor with parallel run horizontal tubes. [51]. 

The closed photo bioreactor has adaptable culture conditions and a high volume of microalgae 

cultivation can be grown. High biomass productivity can be achieved with the help of photo 

bioreactors when compared to open pond systems and bag culture systems. Photo bioreactors hold 

a better control of gas regulation and can maintain uniform temperature. Due to the closed 

environment, there is a lower risk of contamination of algae by invasion of foreign parasites,  
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keeping the algae culture pure. Despite all advantages, there are few drawbacks that need to be 

considered, such as high capital costs, high production costs, and harvest costs. The high difficulty 

in sterilizing them makes them unavailable for specific products (Pharmaceutical).  

 

Figure 13. Tubular Photo bioreactor in operation [52] 

Photo bioreactors mainly use the following complex components: 

 The light delivery system consists of artificially illuminated reactors, fluorescent lamps of 

wavelength 450-750nm to the culture. 

 The gas exchange system which removes the excess oxygen which contaminates the 

system and supplies require carbon dioxide for its optimum growth. 

 The harvesting system that is useful in concentrating the microalgae for the downstream 

processing [52].  

2.6.3 Harvesting 

 Even though the algal biomass can be rich source of energy, the algal growth in conditions 

like dilute suspensions around 0.03-0.06% dry solids [53], which creates reasonable hurdles in 

obtaining a proper energy balance in algal production process. Some of the other challenges of 

algae harvesting are because of the small cell size of micro algae (of about 30 µm) [54] are the 
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negative surface charge on the algal growth that leads to scatter stable growth suspensions, mainly 

during the growth phase [55], and some algal strains require regular harvesting compared to 

seasonal crops. 

 The economical way for harvesting microalgae is one of the most problematic issues in the 

area of algae biodiesel production process [56]. Harvesting costs comprises of almost 20-35% of 

the total cost of algal biofuel production [57], but it is estimated that almost 50% of microalgae 

biomass cost is being noted. It has been calculated that harvesting and dewatering costs nearly 

90% of the equipment expenses for the production of algal biomass in open cultivation systems 

[58]. As there is need for regular harvesting of microalgae, it is considered more expensive 

compared to harvesting land crops. The settlement of microalgae by centrifugation requires almost 

1 MJ Kg -1 of energy, greater compared to harvesting cost of wood, for which the energy required 

is 0.6 to 0.8 MJ kg – 1 [59]. The main aim is to reduce the cost of harvesting the microalgae. A 

recent report from the United Kingdom’s Biological Sciences Research Council states that “hardly 

any commercial activity exists in down streaming” [60]. Most of the research work is done on 

algae species selection and its yield rather than the biomass recovery [61]. 

 The most referred harvesting techniques are sedimentation, flocculation, centrifugation, 

and filtration. There is no standard technique for the harvesting of microalgae other than choosing 

between the above techniques, which would be quite economical depending on the algal strains, 

but also depends on energy balance for bio-fuel produced from microalgae [62]. 

 The type of moisture content obtained as the final product is the criteria to select the 

harvesting technique. The harvested algal biomass can be contaminated within hours if the 

moisture content is way greater than 80% [62], which also affects the costs and implementing 

techniques for further processing it into energy in the form of fuel. 
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2.6.3.1 Sedimentation 

 
 In sedimentation, the liquid or some traces of solid sediments from the liquid of variable 

densities are separated by the force of gravitation. It is a time-consuming process, as it takes long 

for the particles of smaller size to get settled. The law that could best define the sedimentation 

technique is Stokes’ law: velocity of the sedimentation is proportional to the square of the radius 

of biomass cells and the difference in density between the microalgae cells and the medium as 

shown as: 

Setting velocity = 2

9
𝑔

𝑟2

η
(𝜌𝑠 − 𝜌𝑡)   Equation 1 

Where r represents cell radius, η is the dynamic viscosity and ρs, ρt are the densities of solid and 

liquids respectively. 

 The density of microalgae is almost equal to that of salt water at 1,025kg m-3 [63]  which  

is an advantage, as there are small differences in the densities for the algae to be settled. The 

densities of various species of algae are shown in Table 5 

TABLE 5 
 

DENSITIES OF DIFFERENT TYPES OF ALGAE [64] [65] 
 

TYPE ALAGE DENSITY(Range) 

Cytoplasm of marine microalgae 1,030 to 1,100 kg m-3 

Cyanobacteria 1,082 to 1,104 kg m-3 

Marine diatom 1,030 to 1,230 kg m-3 

Fresh water green microalgae 1,040 to 1,140 kg m-3 
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The settlement velocity of nearly 0.12m day-1 is found by Stokes’ law for spherical shaped algae. 

This law usually applicable for spheroid shapes, but not all microalgae have spheroid shape [66]. 

Microalgae have a wide range of shapes, a fact that is commonly referred as an evolutionary 

development to avoid sedimentation from the euphotic area [65]. Microalgae which are autotrophic 

have a sinking rate between -0.5 to greater than 2.3m day-1: range of their size is 10-1,100µm. 

 Sedimentation is not quite the best technique for harvesting microalgae and is not widely 

accepted. Although the sedimentation has been implemented on  lab scale waste water treatment 

systems, it has not yet been tested on a wide scale. The sinking rate of microalgae of range 3-6 µm 

in the open ocean is relatively very small [67]. Cell recovery and the concentrations of the solids 

are too low for the sedimentation of micro-algae, i.e., with a cell recoveries of 55-65% and the 

concentration of the solid particles are 1.7% of the total suspended solids [35]. Energy consumed 

for the sedimentation of the micro algal cells is quite low, with lamella separators using 0.2kWh 

m-3 to obtain an output of 0.2-1.6% of dry algae biomass concentration. Sedimentation of colonial 

and microalgae of larger size could be used for pre-concentration process, which might be useful 

for other harvesting techniques. The sedimentation of micro-algae varies within the same species. 

The settlement rates sometimes depend on the light intensity, nutrient deficiency, and age of cells. 

[67]. The Microalgae with high lipid content contains lower density due to which the cells are 

settled late in sedimentation. 

2.6.3.2  Flocculation 

 Flocculation is the process in which coagulants are used to destabilize the particles by 

making them to contact and there by colloids are obtained in the form of flake. The floc may be 

impulsive or by adding clarifying agent. Flocculation of particle suspension can be majorly divided 

into four coagulation mechanisms, which may act singularly or in any combination. The Figure 14 
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describes the charge neutralization process, in which the charged ions or colloids become attracted 

to opposite charged particles’ surface, thereby destabilizing  the particles. As is performed in 

Figure 14 (a), the electrostatic patch mechanism is the process in which any charged polymer gets 

attached to the colloids of opposite charge. The polymer acting here first alters the charge of 

particle, which leads to form the patches which are of opposite charge on the particle creating 

flocculation. In Figure. 14 (b), bridging is the process in which the charged colloids gets bound to 

the surface area of two different particles in order to create a bridge between them. The bridge 

created causes the flocculation by bringing all the particles at one place. In Figure 14 (c), sweeping 

flocculation is the phenomenon stating that the colloids are entrapped in a large cloud of a mineral 

causing the flocculation, as seen in Figure 14 (d). 

 

Figure 14. Overview of different coagulation mechanisms (a) charge neutralization (b) 
electrostatic patch mechanism (c) bridging mechanism (d) sweeping mechanism [68] 

 
In the case of separation of algal biomass, a flocculent may be one or more chemicals are added to 

the dense culture to separate the microalgae cells. Microalgae cells act as negatively charged cell 

walls that avoids self-gathering in the culture. This self-gathering nature is disturbed by adding the 

polyvalent ions known as flocculants. Flocculants can be cationic or anionic, and depending upon 
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the nature, these may flocculate the culture without any toxicity. Flocculants have been divided 

into two categories, namely (1) inorganic agents that tend to form polyhydroxy complexes at 

desired pH, and (2) polymeric flocculants. Some multivalent flocculants are also used such as 

ferric chloride, as its efficiency is high. Researchers suggest that Fe+3 is considered to be 82% 

efficient in harvesting various types of algae [68]. While selecting a polymer, the properties of the 

algae that need to be considered the most are cell size and its charge. [69] Some other studies found 

that cationic polyelectrolyte have been successfully worked as flocculent, whereas anionic 

polyelectrolyte failed in its effectiveness. [70] Studies prove that chitosan can be used effectively 

in flocculation, as shown in the Figure 15, for algal species like spirulina platensis, chlorella 

vulgaris, and oscillatoria. Efficiency of the process used can be changed by the physical parameter 

pH, and the optimum results were obtained when pH is 7.0 for the fresh water and very low pH 

for the marine cultures. 

 

Figure 15. Flocculation process [71] 

Some of the algal species have an auto-flocculation nature, but it comes to existence only when 

the carbon dioxide supply into the culture is removed. The interruption of the carbon dioxide 

supply during the photosynthesis leads to increase in pH, resulting in precipitation of nutrients like 
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calcium, carbonate salt and Magnesium (Mg), along with some of the algal cells. Negatively 

charged algal cells are bound by the positively charged ions, resulting in auto-flocculation process.  

2.6.3.3 Centrifugation 

 Centrifugation is a process similar to gravity sedimentation, but centrifugal acceleration 

takes part in this while gravitational force in the latter. This is done with the help of centrifugation 

equipment shown in the Figure 16. This centrifugation increases the concentration of the culture. 

The major aspects to be considered in the centrifugation are particle size and density. Once the 

dense algae are separated, the biomass can be obtained by exhausting the supernatant. Researchers 

have found that centrifugation is the best way to harvest, as it is also a reliable technique [72].For 

example, [73] researchers reported that nearly 95% of effective harvesting can be obtained by 

centrifugation.  

 

Figure 16. Laboratory size centrifugation [73] 

The centrifugation technique was found to be more efficient on commercial scale than done on the 

laboratory. Other major concern is with the energy consumption, as it is too high when applied on 

this type of harvesting process is usually recommended in the second stage dewatering technique 

for the algae slurries ranging from 1% to 6% solids to >20% solids. Undeniably, it is an effective 
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and reliable technique for harvesting the algal cells, but a fact to be considered is its high 

operational cost. 

2.6.3.4 Filtration 

 Filtration is one among the most utilized techniques compared to other techniques of 

harvesting. This technique is used for relatively large sized (>65µm) algae, such as filament type. 

Cellulose can be used to enhance the efficiency of the filtration [61]. The major drawback of this 

process is that it is not useful in filtering or capturing smaller sized algae such as Spirulina, 

Chlorella vulgaris, and Dunaliella. The disadvantage of this technique is their high cost due to 

continuous change of the membranes and also the cost of pump. Besides this technique, other two 

processes, namely ultrafiltration and membrane micro-filtration, are used. Some of the filtration 

techniques are dead-end filtration, pressure filtration, vacuum, and tangential flow filtration. [72] 

Reports suggest that filtration process can obtain at a concentration factor of 250 times the original 

concentration for C. proboscideum to produce solids slurry of about 30%. The studies also proved 

that pressure filtration can be considered as one of the low energy consumption processes as they 

consume low input and produce high volume of dewatered content. Due to the fouling property 

and also continuous change of the membranes in the filtration, it cannot be used on a large scale. 

Some researchers used the polymer membranes, which are more efficient than the normal ones for 

the regular recovery of the biomass, but the performance of it depends on various factors such as 

size of algae cells, concentration, and the nature of the algae towards filtration (hydro dynamic). 

However, even though this technique looks to be promising dewatering technique, the operating 

cost and handling costs cannot be neglected. 
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2.6.3.5 Energy Consumptions of Different Harvesting Process 

 Among all steps in producing algae oil, the harvesting technique is the most energy-

intensive process. As of now, there has been no particular large scale harvesting process that has 

been developed, and the approach is to depend on other separation techniques which are used in 

the waste water treatment. Therefore, the energy efficiency and consumption for different 

harvesting techniques are discussed in the Table 6. The highest possible yield and the maximum 

energy consumption of different harvesting process are also discussed in the table. 

TABLE 6 
 

SUMMARY OF ENERGY CONSUMPTION AND MAXIMUM YIELD THAT CAN BE 
OBTAINED THROUGH DIFFERENT HARVESTING TECHNIQUES [74] 

 
Harvesting Process Highest yield(% solids) Energy Usage (kW-hm-3) 

Centrifugation 23.0 8.49 

Gravity sedimentation 1.75 0.2 

Natural filtration 6.2 0.5 

Pressurized filtration 28.0 0.89 

Tangential flow filtration 8.9 2.06 

Vacuum filtration 19 6.0 

Polymer flocculation 16.0 14.90 

Electro-coagulation N/A 1.6 

Electro-flotation 5.0 5.0 

 

From the table 6 it can be easily identified that the maximum yield could be obtained by the 

pressurized filtration technique while centrifugation standing next to it. Pressurized filtration 
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technique is the best one so far, as it consumes low energy producing an optimum output. 

Centrifugation, when done on a laboratory scale, is very costly. 

2.6.4 Drying 

 The next step in processing algae is drying the dewatered algae slurry. Drying is done to 

reduce the moisture content by roughly 11-16%. On drying, the harvested algae is converted to a 

stable product which can be stored for further usage. Dehydration has a major drawback regarding 

the cost as it composes of nearly 69-74% of the algae processing cost [72]. The different techniques 

for drying change both in the extent of initial cost and energy consumption.  Selection of the 

different drying techniques depends on the extent of operation, type of algae, and also the use for 

which the dried biomass is used. Almost all sludge drying methods cannot be used for drying the 

algae slurry when it is meant to be used as feed. 

2.6.4.1 Flash Drying 

 Flash drying is a technique uses hot gas stream to remove the moisture content readily. 

Usually, the algae slurry is injected into hot gas stream. The particles of the slurry should be in 

contact with the hot gas as long as possible to ensure optimum moisture removal from the sludge. 

This method is commonly used in waste water sludge drying and it was used first in 1932. 

Raymond flash drying is the common drying system used for heat drying. 

2.6.4.2 Rotary Dryers 

 These types of dryers use a sloped cylinder which is rotating and capable of moving the 

algae slurry from one end to the other end. There are different types of dryers that have been 

developed for large scale purposes, including direct heating types in which algae slurry is in direct 

contact with hot gases. In some drying techniques, the hot gases are separated from getting in 

contact with the material with the help of steel shells. This is referred to as indirect-direct drying, 
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in which the hot gases surround central shell on which the algae biomass is contained, but at 

reduced temperatures. 

 The most used dryers for drying of waste water sludge are rotary kiln and drum dryers. 

Among them, drum drying is the most prominent method for drying algae slurry. Drying the algae 

slurry on the drum dryer has two significant uses: (1) sterilized samples can be obtained, and (2) 

breaking cell wall. The usual dry time of the algae slurry is nearly 11 sec at 1250C. An steam 

heated drum dryer is more efficient than electrically heated drum dryer and has an advantage of 

cost effectiveness, roughly 7 times less than the electrically heated dryer [75]. 16x103 Kcal of 

energy is needed to evaporate 18.5kg of water to obtain 1.2kg of dry algae biomass with a water 

content of 5%. It also stated that instead of reducing the moisture content to 5%, 10% retention of 

the moisture content does not give much difference in dry biomass, and is in turn helpful in 

reducing high drying cost. Pellets of dry algae can be obtained by mixing the algae slurry with dry 

additives like sugar beet pulp or meal grains. 

 [72] Researchers also found that drum drying is the best technique for drying microalgae, 

when compared to spray drying. The reason behind selecting drum drying as best technique was 

its digestibility, low capital requirement, and its low energy consumption. They obtained nearly 

30% of the concentrated algae in the dried form.  

2.6.4.3 Sun Drying 

 Sun drying is one of the finest and oldest techniques used for preserving food. Sun drying 

can be achieved in two ways: (1) direct solar radiation and (2) circulating hot air which was already 

collected in a collector obtained through sun heating. The first method is drying the algae biomass 

by exposing it directly to the sunlight. In this case, the algae biomass can be either covered or 

uncovered. The direct exposure of the algae biomass to the sunlight, as shown in the Figure 17, 
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leads to degradation of chlorophyll. This method is strongly dependent on weather conditions and 

can cause the overheating of the biomass. In the other case of indirect exposure of the algal biomass 

to the solar radiation, the overheating of the biomass is prevented and the rate of drying is high, 

but the product required is less efficient and not cost effective.  

 Sun drying is the most common method being used these days but it is not recommended 

for preparing any final product out of algal biomass intended for human consumption. The primary 

reason behind this is the unpleasant odor. In general, the algal biomass must be subjected to a short 

duration of high temperature (110-1250C) in order to make the product safe for human 

consumption. 

 

Figure 17. The shelves containing spirulina are stacked on cart and exposed to solar radiation [76] 

Researchers had found that drying spirulina biomass using a solar drier is much feasible when 

compared to direct sun drying. This test was conducted in CRFI, India. Feasible models of solar 

dryers were developed at M.C. Research Center, Madras for drying the spirulina biomass [77]. 

Spirulina is used for conducting tests varying techniques at CFRI. Among them, sun drying was 

found to be easy and in expensive but the major concern is with the weather conditions. Other 

possible risks involving in using the sun drying are spoilage and fermentation, which are tend to 

happen if the drying duration is too high. 
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 Among all the techniques discussed, sun drying is the most prominent method with low 

toxicity levels and very less energy required, but it is weather dependent. Direct exposure of the 

algal biomass to the solar radiation causes overheating and chlorophyll degradation. 

2.6.5 Oil Extraction 

 Oil that is available within the single cell algae is caught by the cell wall and plasma film, 

which represses its capacity to effortlessly be sent out from the cell. At the point when the algae 

cell is dried, the plasma layer is worsened and debilitates the cells capacity to hold the oil. At the 

point when the hexane, a natural dissolvable, is acquainted with the dry algae test, the cell wall is 

entered by the hexane and the oil inside of the cell is broken up. At the point when the hexane is 

expelled from the algae test, the oil broke down in the hexane is transported through the cell wall 

and adequately expelled from the algae cell. The gathering of the oil is finished by evaporating the 

hexane off, which abandons the algae oil. 

 In order to produce oil from the algae biomass, cellular lipids needs to be extracted from 

the cell. Extraction of the lipids requires rupturing the algal cells and can be made through various 

methods, such as mechanical disruption, chemical disruption, solvent extraction, supercritical fluid 

extraction, and combinations of any of these methods [78] [79] [80]. 

2.6.5.1 Mechanical Disruption 

 Mechanical disruption methods, such as mechanical pressing and homogenization, were 

proven and utilized at large scales for rupturing algal cells. Mechanical pressing incurs high 

pressures on the cells being extricated, forcing the cell wall to burst, permitting the intracellular 

lipids to be extricated and gathered. Pressing is a technique normally utilized for extraction of oil 

from plant seeds, yet can be connected to microalgae. Homogenization accomplishes cell wall 

breakage by forcing the cells through a little orifice at high weights. Whenever the cell achieves 
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the opening, the sudden drop in weight alongside solid fluid shear forces causes the cell to tear 

open, permitting the lipids to be extricated. Bead milling, or bead beating, has been utilized at both 

laboratory and mechanical scales for size diminishment of particles, and furthermore, the 

interruption of cells. This strategy works by fomenting algal biomass in the nearness beads. 

Fomentation permits the beads to pound the algal cells, breaking them separated by mechanical 

force and giving a way to remove the lipids. 

 Notwithstanding mechanical pressing, homogenization, and bead beating strategies for 

accomplishing algal cell disturbance, algal biomass can be dealt with via autoclaving, introduction 

to microwaves, and sonication. Such methods can be utilized as a part of conjunction with the 

mechanical rupture procedures to debilitate algal cells and accomplish higher lipid extraction 

efficiencies. The utilization of microwaves was observed to be the least difficult and best for the 

extraction of algal oil by Lee et al. Be that as it may, microwaves and sonication methods might 

be hard proportional up from laboratory scale to pilot or mechanical scales. 

2.6.5.2 Solvent Extraction 

 Solvent extraction methods are extensively used and are most suitable for the extraction of 

lipids from the algal cells. These methods are also used for extraction of oil from vegetable seeds 

[81]. The most common solvents that are used for extraction of lipids are chloroform, n-hexane, 

and petroleum ethers. Various standard extraction techniques exist such as the Soxhlet technique, 

the Folch extraction technique, and Bligh and Dyer [82] [83]. These extraction techniques provide 

some standard solvents and ratio of the solvent to biomass and also provide some effective 

apparatus for lipid extraction. 

 Though there are many extraction techniques with respect to solvent extraction methods, 

there are quite a number of disadvantages when used for microalgae. Standard extraction 
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techniques such as the Folch and Bligh and Dyer techniques were proved to be inefficient in the 

case of microalgae lipid extraction. Lipid extraction methods require that water be removed from 

the algae biomass in order to achieve good results. If the biomass is not dried properly, water gets 

mixed up with the solvent, which shields lipids from the extracting solvent. As of mentioned 

before, drying the algae biomass constitutes almost 70% of the energy consumption to generate 

bio fuel out of microalgae. 

2.6.5.2.1 Folch Technique 

  Different organic solvents or a mix of various solvents have been proposed to 

specifically separate lipids from a perplexing blend of organic compound. The Folch strategy [82] 

utilizes the utilization of chloroform–methanol (2:1 by volume) for extraction of lipids from 

endogenous cells. Quickly, the homogenized cells were equilibrated with one-fourth volume of 

saline arrangement and blended well. The subsequent blend was permitted to partition into two 

layers and lipids settle in the upper stage. This strategy is one of the most established activities in 

lipid extraction, which formed the premise for advancement of future extraction techniques with 

enhancements. The above technique with some alteration is still utilized for the estimation of algal 

lipids spectrophotometrically. Quick and simple handling of a huge number of tests is the major 

point of preference of this strategy. Be that as it may, it is less delicate when contrasted and other 

most recent methodology. 

2.6.5.2.2 Bligh and Dyer Method 

  Lipid extraction and apportioning are performed at the same time in the Bligh and 

Dyer [83] strategy, wherein proteins are hastened in the interface of two fluid stages. The Bligh 

and Dyer technique is one of the broadly rehearsed strategies for lipid extraction. It is 

fundamentally the same to the Folch technique, however for the most part contrasts in 
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dissolvable/dissolvable and dissolvable/tissue proportions. This system is performed by extricating 

lipids from homogenized cell suspension utilizing 1:2 (v/v) chloroform/methanol. The lipids from 

the chloroform stage are then removed and prepared by different techniques, which are not 

depicted here. The above gravimetric strategy is still generally utilized for the estimation of lipids 

by algal technologists, and the same methodology is additionally taken after for pilot-scale and 

vast scale extraction forms.  

 In order to enhance the above essential strategy, numerous changes have been embraced 

by scientists. The most well-known alteration is the expansion of 1 M NaCl rather than water to 

counteract tying of acidic lipids to denatured lipids. It was likewise reported that expansion of 

0.2M phosphoric corrosive to the salt arrangement enhances lipid recuperation with a shorter 

division time in correlation with the prior extraction techniques. Likewise, the expansion of 0.5% 

(v/v) acidic corrosive to the water stage expanded the recuperation of acidic phospholipids. 

2.6.5.3 Oil Expeller Technique 

 Expeller press or oil press is one of the least complex and most seasoned strategies utilized 

for removing oil from oil seeds. The straightforward, yet viable, mechanical pulverizing strategy 

is likewise being utilized as a part of the extraction of oil from algal biomass. Dried algal biomass 

holds oil content, which then can be squeezed out utilizing an oil press. The guideline basic this 

procedure is to apply high-mechanical weight for pounding and breaking the cells, and to crush 

out the oil from the algal biomass. Use of weight in a specific reach enhances the extraction 

proficiency, however a lot of weight will bring about diminished lipid recuperation, expanded 

warmth era, and gagging issue. Algal biomass qualities shift generally, especially in their physical 

characteristics, taking into account the morphological contrasts of various strains, and different 

tailor-made press arrangements (screw, expeller, cylinder, and so on.) are required. More often 
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than not, the oil recuperation is in the scope of 70–75%. Now and then for upgraded oil 

recuperation, mechanical pulverizing is utilized as a part of conjunction with substance strategies. 

Nonetheless, squeeze techniques are costly and include delayed handling times. Also, mechanical 

pressing for the most part requires information materials with low-dampness substance, and drying 

of the green growth biomass, which is a vitality escalated procedure, can represent up to 30% of 

the aggregate generation costs. Not at all like vegetable oils, which can be effectively removed by 

pounding the seeds joined by a dissolvable extraction, is the discharging oil from algal cells 

obstructed by the inflexible cell divider structure. The major specialized downside is the nearness 

of pigments alongside the oil. Before changed to oil, the pigments must be evacuated either by 

dissolvable extraction or by actuated carbon adsorption, which again indicates the expense. Other 

major downsides of this technique incorporate high-upkeep cost, necessity of talented labor, and 

less productivity, when contrasted with different strategies. 

2.7 Nanoemulsion 

 Nanoemulsions are often described as dispersions which are obtained when the size of an 

emulsion have nanoscale size, commonly described as diameters in the range 2 to 100 nm. 

However, some research papers consider a maximum limit of 500 nm as the size of emulsion 

dispersed droplets. Nanoemulsions do not form readily by agitation with the hand; they require an 

energy source for emulsion which can be supplied by selected mechanical devices.  

 Ultra-sonication is one of the most used mechanical devices for Nanoemulsions. This 

mechanical device generates high shear force. Besides ultra-sonication, homogenizers and micro 

fluidizers are also used. The high mechanical energy generated by the system imposes force on the 

cells which tend to break up the droplets of internal phase into Nano particles by outclassing the 

Laplace pressure. Surfactants play a major role in forming Nanoemulsion: by decreasing the 
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interfacial tension thereby reducing the internal pressure. The force needed to break a drop is also 

reduced [84]. 

 A few years ago, the emulsion fraternity embraced the word ‘miniemulsion’ to indicate the 

emulsions that are of submicron droplets. Nanoemulsions indicate the maximum lower limit of 

miniemulsions. Most of the miniemulsions have droplet size ranging from 100nm to 1µm. 

Nanoemulsions can be differentiated by identifying the molecular constituents, the range of these 

constituents, and the range of the droplet sizes. Not all microscopes are viable for examining 

nanoemulsions. Optical microscope, dynamic light scattering, atomic force microscopy, and 

scanning electron microscope are the most useful and required techniques to understand the cell 

structure and its behavior. 

 Microscale emulsions are easily differentiated from nanoemulsions by the physical 

properties those nanoemulsions contain. For example, microscale emulsions usually exhibits multi 

scattering of the light when a dynamic light scattering technique is performed. Due to its multi-

scatters of light through droplets and films, it obtains a white appearance. In contrast to 

microemulsions, nanoemulsions appear as optically transparent, although at large droplet size and 

high refractive index [85]  
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Figure 18. Oil in water emulsion [86] 

an emulsion can be portrayed as a mix of two liquids in which one is accessible in globules of 

recognizable or ultra microscopic size, and appropriated all through the other. Emulsions are 

created in utilizing the constituents all of a sudden or by a mechanical way. In unconstrained 

emulsions, the mixing is basic and unconstrained. In any case, if they do not mix, then a third 

compound called a surfactant is used to tie the atoms of the constituent liquids, as shown in the 

Figure 18. By then, a mechanical device like ultra sonicator is used to mix the liquids through and 

through. In the wake of mixing them for a long time, the emulsion is molded. 

2.7.1 Types of Emulsion 

 In general there are two types of emulsions based on the nature of the dispersed phase. 

(i) Oil-in-water emulsions (O/W): These emulsions shown in the Figure 19(a) are defined as: oil 

is considered as the dispersed phase and water is considered as dispersion medium or also called 

as continuous phase. One of the common example is milk. In milk medium, fat globules are 

dispersed and considered as dispersion medium. 

(ii): Water-in-oil emulsion (W/O): These emulsions shown in the Figure 19(b) are defined as: 

water is considered as dispersed phase and oil is considered as dispersion medium or also called 
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as continuous phase. These emulsions are also known as oil emulsions. The most common example 

of the oil emulsions is cold cream [87] 

                              
                              (a)                                                                                           (b) 

Figure 19. a) Oil in Water emulsion b) Water in oil emulsion [87] 

2.7.2 Nanoemulsion Fabrication Methods 

 As the name proposes, high-vitality emulsification techniques utilize gadgets that use high 

mechanical vitality to make nanoemulsions with high shear force. These techniques incorporate 

high-pressure homogenization and ultrasonic emulsification. The Figure 20 describes various 

nanoemulsion fabrication techniques. 

 High-pressure homogenization is the most widely recognized technique utilized for the 

creation of nanoemulsions. Microfluidization utilizes a high-weight positive uprooting pump 

working at high weights, up to 20,000 psi. This pump powers macroemulsion droplets through the 

association chamber comprising of a progression of micro channels. The macroemulsion moving 

through the microchannel slams high speed into an impingement territory, bringing about fine 

nanoemulsions. The nanoemulsions with the desired size extent and dispersity can be achieved by 

shifting the pressure for homogenization.  

 Ultrasonic emulsification utilizes a probe that discharges ultrasonic waves to crumble the 

macroemulsion by method for cavitation strengths. By fluctuating the ultrasonic vitality data and 

time, the nanoemulsions with coveted properties can be obtained. High-pressure emulsification 
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techniques can be utilized to acquire both O/W and W/O nanoemulsions. High-pressure 

homogenization and microfluidization can be utilized for manufacture of nanoemulsions at 

research facility and modern scale, while ultrasonic emulsification is primarily utilized at lab scale 

[88] 

 

Figure 20. Methods for nanoemulsion fabrication [88] 

2.7.3 Microemulsion vs Nanoemulsion 

 Microemulsions which are formed by water and oil with an added surfactant in it are 

generally referred to be thermodynamically stable. Different types of systems can be formed with 

the mixtures of water and oil with surfactant added to them. They may shape one, two, or three or 

more different stages that are in harmony with each other. These stages might be water-continuous, 

oil-continuous, or bicontinuous contingent upon the fixations and nature of the particles present. 

The structures inside these stages might be spheroid, bar micelles, opposite micelles, or plane-like 

(e.g., lamellar structures). A nanoemulsion can be referred to be a traditional emulsion that contains 

tiny particles. Nanoemulsions might be of the oil-in-water (O/W) or water-in-oil (W/O) sorts, 

relying upon whether the oil is scattered as droplets in water, or the other way around. An oil-in-

water nanoemulsion is characterized as a thermodynamically unstable colloidal scattering 

comprising of two immiscible fluids, with one of the fluids being scattered as little round beads (r 

< 100 nm) in the other fluid. On a basic level, a nanoemulsion could be framed from oil and water 

without utilizing a surfactant. In practical way, this theory would be profoundly unstable to droplet 
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mixture and a surfactant is expected to encourage the development of the nanoemulsion in order 

to guarantee its motor strength amid storage. Sometimes a blend of surfactants instead of a solitary 

surfactant is utilized to shape and balance out nanoemulsions. A nanoemulsion along these lines 

is normally arranged utilizing the same parts as a microemulsion: oil, water, surfactant, and 

conceivably, a co-surfactant. The structure of the particles in a nanoemulsion are too 

fundamentally the same to those found in a microemulsion. The non-polar tails of the surfactant 

atoms project into the hydrophobic center framed by the oil stage, while the polar head gatherings 

of the surfactant particles distend into the encompassing fluid stage. Although the structures of 

droplets of nanoemulsions formed from oil, water, and surfactant shown in the Figure 21 are bigger 

than microemulsion, nanoemulsions are transparent. The real qualification between a 

nanoemulsion and a microemulsion is in this manner is their thermodynamic steadiness. 

Nanoemulsions are thermodynamically unstable, while microemulsions are thermodynamically 

stable. 

 

Figure 21. Structures of droplets of microemulsions and nanoemulsions formed from oil, water 
and surfactant [89] 

 
2.7.3.1 Composition 

 Nanoemulsions and microemulsions normally require genuinely comparative fixings to 

create them: an oil phase, and watery phase, a surface dynamic specialists, and conceivably, a co-
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surfactant. In reality, it is conceivable to get ready both sorts of colloidal scattering from precisely 

the same fixings, yet utilized as a part of various proportions. Normally, a more prominent 

surfactant-to-oil proportion (SOR) is required to get ready a microemulsion than a nanoemulsion.  

 An energy about this can be picked up by considering a trial where expanding measures of 

an oil-in water emulsion are titrated into a watery surfactant micelle arrangement. Before titration, 

the fluid surfactant arrangement contains a scattering of surfactant micelles conveyed all through 

the water phase. The underlying size and state of these micelles is resolved by the atomic geometry 

and pressing of the surfactant atoms, i.e., their successful head gathering and tail bunch 

measurements. More often than not, the ebb and flow of the surfactant monolayer is not at its ideal 

quality when micelles are shaped, and the framework can be said to be in a ""baffled"" state. When 

moderately low centralizations of oil droplets are titrated into the surfactant arrangement, all of the 

oil particles will move out of the droplets and be consolidated inside the hydrophobic insides of 

the surfactant micelles. One of the principle main impetuses for this procedure is that the surfactant 

monolayer can move towards its ideal quality when the micelle size develops by joining oil 

molecules. As a consequence of this procedure, the oil droplets break up and vanish, while the 

surfactant micelles develop. As more oil droplets are added to the surfactant arrangement, the 

micelles in the end get to be soaked with oil and cannot join any more, thus any extra oil droplets 

titrated into the framework remain as oil droplets. The framework then comprises of a blend of 

immersed micelles and oil droplets. The greatest measure of oil that can be joined into the 

surfactant micelles relies on upon the qualities of the oil particles. 

2.7.3.2 Bioavailability 

 There are few proofs that the bioavailability of lipophilic parts increments obviously at the 

point when the span of the droplets containing them falls underneath around 100 nm, which is, 



53 
 

incompletely ascribed to the lofty increment in the water-dissolvability of lipophilic segments 

beneath a basic molecule size because of an expanded Laplace pressure.. In this way, no single 

molecule size can be utilized as a conclusive cut-off point to recognize a nanoemulsion from a 

microemulsion, taking into account the physicochemical properties of the framework. The research 

paper suggests that an advantageous meaning of a nanoemulsion is that the mean molecule range 

of the framework ought to be under 100 nm. And still, after all that, one still needs to choose which 

mean molecule range to utilize, e.g., Z-normal, number-weighted normal (r10), surface-weighted 

normal (r32), or volume-weighted normal (r43). 

2.7.3.3 Long Term Storage 

 Nanoemulsions are thermodynamically unstable, where as a microemulsion is 

thermodynamically stable. Consequently, the structure of a microemulsion should not change 

during prolonged storage, whereas that of a nanoemulsion should change, e.g., due to Ostwald 

ripening, flocculation, coalescence, and/or gravitational separation. These changes would manifest 

themselves as alterations in particle size distribution, overall microstructure, creaming, or phase 

separation during storage. In principle, if the structure and properties of a colloidal dispersion 

remains constant during storage then it is a microemulsion, but if they change it is a nanoemulsion. 

In practice, it might not be so clear because the properties of a microemulsion may change due to 

chemical degradation or microbial contamination, whereas the properties of\a nanoemulsion may 

not change overextended periods because it has a high kinetic stability. 

2.7.3.4 Particle Size Distribution 

 Microemulsions have a tendency to have a solitary slender crest in their molecule size 

conveyances, while nanoemulsions may have single then again numerous crests that might be 

restricted or expansive. Therefore, if a colloidal dispersion contains a solitary slender crest then it 
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might be either a microemulsion or nanoemulsion. Be that as it may, on the off chance that it 

contains numerous tops rather than hand expansive tops, then it is likely a nanoemulsion. It is 

likewise conceivable to have numerous crests in frameworks that comprise of a blend of 

microemulsion and nanoemulsion droplets. 

2.7.3.5 Particle Shape 

 Nanoemulsions tend to contain round particles in light of the extensive Laplace weight 

following up on them, though microemulsions may frame either circular or non-circular particles 

on account of the ultralow interfacial strain. It might hence be conceivable to recognize a 

nanoemulsion from a microemulsion by measuring the state of the particles, e.g., utilizing diffusing 

(neutron, X-beam, or light) or microscopy (electron) techniques. In the event that a system has 

non-spherical particles, then it is liable to be a microemulsion. Then again, if a framework contains 

circular particles it might be either a microemulsion or a nanoemulsion [89] 

2.7.4 Surfactant 

 Surfactants are surface active agents that lower the surface weight of a liquid that means it 

decreases the interfacial strain between two liquids or that between a liquid and a solid. Surfactants 

may act as chemicals, wetting pros, emulsifiers, and dispersants. In this test, the piece of surfactant 

is as an emulsifier. For emulsification processes, one of the biggest troubles is picking the right 

surfactant for the two liquids to be emulsified. This depends on upon the HLB estimation of the 

surfactant. HLB i.e. the Hydrophilic Lipophilic Balance is the measure of degree to which it is 

hydrophilic or lipophilic. The process of performing nanoemulsions is shown in the Figure 22. 
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Figure 22. a) Two immiscible liquids, such as oil and water (b) surfactant is added; it acts as an 
emulsifier (c) shear force is applied through mechanical device, causing the oil to break into 

water due to interfacial repulsion (d) After the device has been stopped 
 

TABLE 7 

TABLE REPRESENTING RANGES OF HLB AND ITS APPLICATION. [90] 

 
H.L.B RANGE APPLICATION 

3-6 Emulsifying Agent (W/O) 

7-9 Wetting Agent 

8-15 Emulsifying Agent (O/W) 

13-15 Detergent 

15-18 Solubilizing Agent 

 

The Table 7 represents the varying HLB ranges for the surfactants to be used in different 

applications. As we have used oil in water emulsion, the surfactant with HLB range 8-15 is used 

in this paper for nanoemulsions. 
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CHAPTER 3 

 
MATERIALS AND METHODS 

 
 
3.1 Materials 

 
 During the research, a lot of materials have been used with varying features. Live algae 

culture was collected (purchased) from Algae Labs. All materials listed below were used without 

any further purification. Microalga Spirulina platensis of class Cyanobacteria was selected. Pure 

cultures are cultured by growing them in ten gallon fish tank and two, one liter plastic bottles. 

After fully grown, it was harvested by the natural method of pumping and dried under sun. Then 

the dried biomass was extracted for obtaining oil with chemicals Chloroform and Methanol. 

 Oil obtained from algae biomass was mixed with varying amounts of surfactant in water 

and sonicated using Ultrasonicator. The sonication was done with varying time and with varying 

concentration of surfactant in water with constant time. 

3.2 Apparatus 

3.2.1 Pure culture 

 Live and pure culture of microalgae was purchased from Algae Labs. Microalga Spirulina 

platensis, of class Cyanobacteria, shown in the Figure 23(a) was selected. Pure cultures were 

grown in 10 gallon fish tanks and two different one liter bottles separately, without any further 

purification. Care was taken that the pre-culture was not contaminated. The tank was closed with 

a lid which has few holes in it for the air to escape and to avoid the culture from contamination. 

The live culture and the tank that has been used in the experiment are shown in the Figure 23 (a) 

and (b) respectively. 

 



57 
 

 
                                 (a)                                                           (b)      
 

Figure 23. (a) Live spirulina culture (b) gallon fish tank 
 
3.2.2 Brita Water 

 Using the wrong water kills the spirulina culture. A good source of water is required to 

maintain the medium in which the spirulina is able to grow. Whenever water was required to 

compensate the evaporated water, it was collected from Brita water tap located at engineering 

building of WSU. The best source of water that is used for its growth is tap water, used only after 

it is filtered with activated carbon. Water from filter equipped water taps which removes 

chlorination is used. Care should be taken that no other water source is used for the medium, as a 

small change in the water may kill algae due to its change in the pH level. 

3.2.3 Light Source 

 As there is no scope for sunlight in our labs, external source of light was used. Two 25watt 

fluorescent bulbs which are shown in Figure 24 were purchased from PetSmart. Bulbs which can 

emit light at a wavelength of 620nm were mounted to the tank’s lid. Microalga attains a maximum 

growth when the wavelength of light is 645nm. This intensity gives the highest growth rates. 
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Figure 24. 25Watt fluorescent bulb 

3.2.4 Heater 

 A 100 watt aquarium heater with rubber holders, shown in the Figure 25, was purchased 

from PetSmart. This was used to regulate the temperature of the medium. As there was no sunlight 

for the aquarium to heat up, an external source was used. Care was in adjusting the temperature 

and heater with the automatic switch on/off with respect to the water level was used. 

 

Figure 25. Aquarium heater 

3.2.5 Starter Mix and Iron Solution 

  Initially, the starter was to the culture placed in the tank. Starter mix and iron solution were 

purchased from Algae Labs and were used in this process directly without any further purification. 

The starter mix consisted of sodium carbonate, potassium nitrate, sea salt, ammonium phosphate, 

strong green tea, and iron sulfate, and was also purchased from Algae Labs. Ammonium phosphate 
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can be replaced with Mono ammonium phosphate or Di-ammonium phosphate. Two squeezes of 

iron solution was mixed with the culture as a final step in the whole setup. This was done to kill 

any foreign organisms entering the culture. The starter mix and iron solution that was purchased 

from Algae Labs is shown in the Figure 26.  

 
                                                         (a)                                             (b)    
 

Figure 26. (a) Pre-starter mix (b) Optimized metal solution 
 
3.2.6 Hot Plate and Magnetic Stirrer 

 A hot plate and a magnetic stirrer were used for mixing the Sodium dodecyl sulfate (SDS) 

and water solution. The equipment was purchased from Fischer Scientific. The mixing was done 

using a magnetic stirrer bar which rotates at 600 rpm. There was no need to turn on heat source. 

During the process, the flask should be covered to avoid contaminants in the solution. The process 

is shown in the Figure 27. 
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Figure 27. Mechanical Stirring of SDS Solution 

3.2.7 Refractometer 

 A refractometer is a device used to calculate the refractive index of any liquids. A pocket 

refractometer (Reichert r2 mini hand held), which was available in composite lab at WSU, shown 

in the Figure 28, was used in this thesis and it can automatically measure the sample within seconds 

and also displays respective results in refractive index. We can also change the reading mode 

within push of a button. This device is water resistant and dust proof. It runs with 2 AAA alkaline 

batteries and consists of 5 digit display screen. The readings can be obtained in two ways: 

Refractive index (RI) and % Brix. 

 

Figure 28. Mini Refractometer



61 
 

3.2.8 UV-vis Spectroscopy 

 Ultraviolet-visible spectroscopy also named as ultraviolet-visible spectrophotometer (UV-

vis) is used to find out the absorption of any liquid with varied wavelength. This means the device 

uses the light in the visible and also adjacent (UV and infrared) range. The apparatus shown in 

Figure 29, the Hitachi U-2900 spectrophotometer, was used for the analysis in this report which 

was located in the room 223 of Wallace hall in WSU. This equipment enables high performance 

and the software installed is easy to use and reliable. This equipment can be used in many 

applications. 

 

Figure 29. Hitachi U-2900 UV-vis Spectrophotometer 

3.2.9 Dynamic Light Scattering  

 Dynamic light scattering (DLS), also known to be Quasi-Elastic Light scattering (QELS), 

is a very good technique for measuring size of the particles even in submicron region. This 

equipment can measure particle sizes of less than 1nm. This equipment was used to find the 

characterizations of particles and emulsions, which were diluted in a liquid. Brownian motion of 

particles that are suspended influences the laser light to be scattered at varying intensities. By 

analyzing these fluctuations of the intensity, the velocity of Brownian motion can be obtained. 

Thus, the particle size was also calculated using Stokes-Einstein relationship. The equipment used 
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here for analysis in the report was Zetasizer Nano S, Malverin Instruments and located (DLS) in 

geology department of WSU, and is shown in the Figure 30. 

 

Figure 30. Zetasizer Nano S Dynamic Light Scattering (DLS) 

3.2.10 Optical Microscope 

 The Axio Imager microscope in the geology department of WSU, often regarded as a 

universal microscope, is useful for many applications. The equipment is mainly used in biology 

and also to determine material structures. This equipment is typically used to examine tissue 

samples. With the propelled pyramid and particular outline, the Axio Imager magnifying 

instrument joins time-tried standards in magnifying instrument development, subsequently, in a 

perfect world, joining present day necessities made on configuration, ergonomics, working 

comfort, and capacity with specialized execution. The Axio Imager Microscope is accessible in 

nine standard renditions (five manual and four mechanized models). In any case, the extent of the 

gear of these standards is variable and can be altered to the client's prerequisites inside the scope 
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of alternatively accessible magnifying instrument parts. The Axio Imager Upright Microscope, 

which is shown in Figure 31, was used for analyzing the droplet size of the emulsions in this report. 

 

Figure 31. Zeiss Axio Imager Upright microscope 

3.2.11 Rota-Vapor 

 The Rotavapor or rotary evaporator is a device used to perform single stage distillation at 

very high speeds and low stress. The principle is based on evaporation and condensation of the 

solvents out of the required solute using a rotating evaporation flask. Final product is protected 

from stress by operating the system under a vacuum, which improves the efficiency too. Due to 

the high rate of evaporation, the chance of mixing the sample uniformly is high. The apparatus 

used here is Buchi Rotavapor R-114, which was located in Department of Chemistry (WSU), is 

shown in Figure 32. 
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Figure 32. Buchi Rotavapor R-114 

3.2.12 Fourier Transform Infrared Spectrometer 

 The Fourier Transform Infrared Spectroscopy is a technique in which the emission and 

infrared spectrum of absorption with varying wavelengths are obtained. The sample can be solid, 

liquid, or gas. The primary use of FTIR spectroscopy is that it measures the ability of the sample 

to absorb light at different wavelengths. The equipment used here was Nicolet™ Avatar™ FT-IR 

Spectrometer, located in Department of Chemistry (WSU), and it offers an analysis that can collect 

data for reporting the results was shown in Figure 33. 

 

Figure 33. FTIR Apparatus: Thermo Nicolet Avatar 360 FTIR in WSU 
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 The software that was being used in FTIR is EZ-OMNIC which creates a database of 

spectra in many formats through an ideal combination of interpretation algorithms and scientific 

documentation. The wavelength to %transmittance was calculated for the samples in this 

experiment. 

3.3 Experimental Methods 

3.3.1 Growing Algae 

 Live and pure culture of microalgae was purchased from Algae Labs. Microalga Spirulina 

platensis, of class Cyanobacteria, was selected. Pure cultures were grown in 10 gallon fish tanks, 

which act as photo bioreactor, and two different one liter bottles separately. Care was taken to 

prevent the contamination of the pre-culture. The tank was enclosed with a lid that had a few holes 

on it for the air to escape and to avoid the culture from contamination. 

Procedure for culturing algae in 10 gallon tank 

For a 10-gallon tank and one liter starter bottle, a volume of 10 liters is a good amount of 

start. The pre-starter mix that was purchased was added to the water. Add 1.5 tablespoons of 

powder for every liter of water used. That means for ten liters of water, fifteen tablespoons of pre-

starter mix was added so, one cup minus one tablespoon of starter mix was mixed with ten liters 

of water. Two squeezes of iron solution was put into ten liters of water, which is shown in Figure. 

The setup is almost done. The growth medium added to the tank may be maintained in the ratio of 

1:20, which means half liter of growth medium is to good start within 10 liters of water. 

Procedure for algal culture in one liter bottle 

The ratio of 7.5 tablespoons of starter powder and one squeeze of iron solution per 5 liters of water 

can be used whenever starting or expanding a culture. As per calculations done, 1.5 tablespoons 
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of pre-starter mix was added for liter of water and half squeeze of iron solution is put into bottle 

containing culture. 

3.3.2 Growth Conditions 

 Temperature 

 The change in temperature is most likely to happen when the tank is only partially full. 

Temperatures above 400C will kill algae in few hours. During the day, the best growth is obtained 

between temperatures (28-370C). Usually, the highest growth is achieved at temperature 360C. 

Lower temperatures are good at night, this was the reason why a timer was needed, and however, 

temperatures below 100C will kill algae. So, the temperature at night time should be maintained at 

160C. A heater with 100W capacity was used in this process. A 100 watt aquarium heater with 

rubber holders was used to regulate the temperature of medium. As there was no sunlight for the 

aquarium to heat up, external source as aquarium heater was used. Care was taken in adjusting the 

temperature and a heater with an automatic switch on/off with respect to the water level was used. 

 Plug Timer 

 A Plug timer, shown in the Figure 34, is of 15-Amp capacity and 8-outlet mechanical 

residential plug-in countdown timer was purchased from PetSmart. This was used to turn the heater 

off at night. The heater, air pump, and light source were plugged into the plug timer.  
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Figure 34. Plug timer with timed and switched outlets 

The plug timer consists of four timed outlets to which heater and light were connected, as they 

needed to be switched off at the night. The other four were switched outlets to which air pump was 

plugged in. There was no need to switch off the air pump, as it had to run all though the day and 

night. 

Air pump 

 Initially, the air pump was connected to the diffusers/bubblers. As there were two different 

growth cultures, two different sources of air pumping devices were used. For a one liter bottle of 

culture, the air pump, which is shown in Figure 35,  of 120 volts AC capacity and 60Hz 3.9 watts 

air pump was used. A better air pump was required for ten gallon tank so, the air that was provided 

by air source connected to fume hood was used for pumping air to produce bubbles, which enables 

the culture to live longer and mix regularly. 

 

14 hrs. On cycle, all buttons 
pressed down and 10 hours off 
cycle; all buttons remain 
constant. 
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                     (a)                                                 (b)                                                     (c)       
 

Figure 35. (a) Air pump for one liter culture (b) specifications of air pump (c) Air source from 
Fume hood for ten gallon tank. 

 
Diffusers/air stones 
 
 There is a chance for the culture to get stuck to the walls of bottle/tank, which leads to 

contamination. To avoid this and to keep the culture alive, the culture should be continuously 

mixed. To ensure proper mixing, air bubblers were attached to the above mentioned air source. A 

decent range of bubbling is enough to mix the culture properly. In this growth culture experiment 

an air stone and an air pump oxygen air bubble tube, shown in Figure 36, were used to produce 

the bubbles.  

                            
                        (a)                                                                               (b)                      

Figure 36. (a) Air stone (b) Aquarium fish tank air pump oxygen air bubble tube 
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These two parts were attached to the walls of the tank with the help of rubber stopper. The 

turbulence created by the bubbles helped prevents the algae medium from getting clumped and 

sticking to the walls. 

Light  

 There is no scope of direct sunlight in the laboratory where the algae setup was placed. 

Although there was heat being given to the culture in the form of heater, there was no chance of 

photosynthesis process. So, lights which could optimize the growth were mounted to the lid of the 

tank. The other growth culture in the one liter bottle was also provided with light source, shown in 

the Figure 37. 

 

Figure 37. A 60 watt lamp for one liter algae culture 

3.3.3 Culture Maintenance 

 Continuous growth monitoring should be done to assure optimum growth and also to avoid 

any contamination in the tank. Add fresh water regularly to the tank, as the water gets evaporated 

due to continuous heating, and ensure the water level of the culture remains constant. If there are 

more clumps than normal in the tank, first check the pH, and then figure out what went wrong with 

the growing conditions. When the clumps are removed from the tank, make-up mix has to be added 

in order to compensate the removed algae junk. One teaspoon powder and a squeeze of iron juice, 

for every 2 tablespoons of algae clump removed. Mix the whole mixture with a little amount of 
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water before adding the whole mix to the tank. White, lime scale clumps are seen on the heater 

after a few days of the process. These deposits can be easily removed by adding 10-15% of vinegar 

solution to the culture medium. 

3.3.4 Expanding the Culture 

 Usually it takes nearly two to three weeks for the culture density to get high. That means  

when the density of the culture is greater than 4 cm, it is the perfect time for expanding the culture. 

For the first expansion of the culture in a ten gallon tank, add up to 10 liters of water, fifteen 

tablespoons of starter mix and two squeezes of optimized metal solution in the tank. No expansion 

was done for one liter of culture bottle. 

3.3.5 Algae Blooming 

 Figure 38 shows the algae blooming over a period 40 days. The figures include the algae 

culture right from the start day to the day on which algae was harvested. 

Before the culture expansion 

              
                                  (a)                                                                                  (b)                                

Figure 38. Blooming of algae culture over a period of 28 days (a) Day 1 (b) day3 (c) day6 (d) 
day9 (e) day12 (f) day 15 (g) day18 (h) day21 (I) day24
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                                 (c)                                                                                    (d)                              
 

                 
                                (e)                                                                                     (f)                               

                  

 
Figure 39. Blooming of algae culture over a period of 28 days (a) Day 1 (b) day3 (c) day6 (d) day9 
(e) day12 (f) day 15 (g) day18 (h) day21 (I) day24  
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h)   I)  
 

Figure 40. Blooming of algae culture over a period of 28 days (a) Day 1 (b) day3 (c) day6 (d) 
day9 (e) day12 (f) day 15 (g) day18 (h) day21 (I) day24 

 

a)              b)  
 

Figure 41. Comparison of algae density on day 1 and day 24 for expanding the culture 
furthermore a) day 1 b) day 24 

 
Expanding the culture 

For the first expansion of the culture in a ten gallon tank, add up to 10 liters of water, fifteen 

tablespoons of starter mix, and two squeezes of optimized metal solution in the tank. No expansion 

was done for the one liter of culture bottle. The expansion of culture is shown in the Figure 40. 
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                             (a)                                                                               (b)              

 
(c) 

 
Figure 42. Blooming of algae medium after (24th day) expansion of growth culture a) Day 28 b) 

Day 32 c) Day 40 

 
3.3.6 Measuring Culture Density 

 
 The measurement of culture density is one of the most important step to ensure whether 

the culture should be harvested or allowed to grow. Measuring the density of algae culture is not 

only useful to expand the culture, but also for harvesting at right time. Culture density is nothing 

but how far the culture can be seen through a bright item. For these kind of measurements, a handy 

tool named a seechi disk is used for lakes and ponds. But there was only short distance, and the 

tank was small compared to a pond, so it makes sense to use a mini-seechi desk, such as one 

purchased from Aquatic Eco-systems, is shown in Figure 41. 
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Figure 43. Algae density measuring wand 
 
3.3.7 Harvesting 

 
For 10 gallon tank 

 Pre-harvest safety checks like checking the pH of the culture and checking whether the 

tank cover was properly sealed with few holes were performed. Usually, the culture is ready to 

harvest only when pH of the culture is above or at least 10. There are many ways to harvest the 

algal culture. The primary method is to simply pass algal culture through a filter. Algae cells were 

stressed without proper supply of nutrients and light to ensure high oil content. The cells of 

spirulina are very small, so, a ten micron harvest cloth, which is shown in Figure 42 was used for 

harvest. Harvest cloth collects the algae and the water was sent back to the tank. Four clips holding 

the harvest cloth were mounted to the walls of the tank. After checking the density and pH of the 

algal culture, the air pressure was increased with the help of air regulator. A long glass pipe which 

was open on both sides and U-shaped on one side was attached to any of the four walls of the tank. 

An air tube was fixed to one end of the long glass pipe and pressure was regulated. Due to the air 

pressure, the algal culture enters the tube and spills on harvest cloth. The dense culture was 

captured on harvest cloth and water content goes back to tank. Care was taken in holding the 
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filter/harvest cloth. It was allowed to run for nearly one hour, and then the harvest cloth was taken 

out. The slurry was gently squeezed to remove the water content. A table spoon was used to scrape 

the culture that was stuck on cloth. 

  
 

Figure 44. Harvesting Technique 
 
For one liter Algae culture 

Unlike the harvesting technique for a ten gallon tank, one liter algae culture was monitored for two 

weeks and harvested with a process called as Flocculation. Tanfloc was used in the process of 

flocculation for the algal biomass to get settled down. [90] As per previous studies, 20mg/L of 

Tanfloc was used for flocculation process. Firstly, 1gm of Tanfloc powder was added to 100ml of 

DI water and stirred on hot plate and magnetic stirrer for almost 30 minutes. When the powder 

was completely dissolved in DI water, 40ml of diluted Tanfloc solution was added to one liter of 

algae culture and stirred for 2-3 minutes. Then it was allowed to settle for about 4 hours. After 

that, the whole algal biomass was settled to the bottom of the bottle was shown in Figure 43 (c). 

Harvested/collected 

algae 

Harvest 

cloth 

Long Glass 

Algae culture 
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A funnel with ten micron cloth taped to its short end was placed on a glass beaker is shown in 

Figure 44 (b). Then the whole solution was filtered to separate the biomass from the solution. The 

filtering process is shown in Figure 44. 

             
                     (a)                                             (b)                                               (c)                   
 

Figure 45. a) Fully grown algae culture b) Tanfloc solution added to the culture and stirred c) 
Biomass settled to the bottom. 
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                     (a)                                                                                                    (b)                  
 

Figure 46. a) Filtering the settled algae biomass from water b) Ten-micron cloth for filtering 
 

3.3.8 Drying and Powdering 

 After the harvesting process was done, the algae biomass was dried to remove the water 

content in it. Biomass obtained from one-liter culture was freeze dried at a temperature of -40 0C 

and the other biomass was sun dried. The biomass was dried under the sun for almost three hours 

and stored in air tight container. Then both of the stored algae biomass were powdered in a mortar 

grinder as shown in the Figure 45 for oil extraction purpose. Overall, an amount of 120 grams of 

dried algae biomass was obtained. Spirulina, have a tendency to gather energy-storage products 

over the span of the day and use this energy to grow at night, so, the culture was allowed to settle 

when the lights were switched off and the harvesting process was done. 

Coffee filter 

Algal Biomass 

Ten Micron filter paper 



78 
 

                                         
                              (a)                                                                                          (b)                        
 

Figure 47. a) Mortar Grinder (b) Powdered algae biomass 

 
3.3.9 Oil Extraction 

 [91] The process of oil extraction was adapted from this research journal. After the biomass 

was dried and powdered, powdered algae biomass was used for extraction of oil from it. Firstly, 

this extraction process was done as trial for testing if the process is proper technique for extraction. 

5 grams of dried spirulina algal biomass was taken in a round bottomed flask and solvent mixture 

of about 100ml of chloroform and methanol in a ratio of 2 to 1 (v/v.) was added to the biomass 

which was already taken in round bottomed flask. Then the whole mixture was refluxed for about 

6 hours as shown in the Figure 46. 
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Figure 48. Refluxing the Solution 

Parts 

1) Temperature display 2) Inlet for condenser 3) Round bottomed flask containing dry algae 

biomass with solvent mix 4) Hot-oil bath 5) Hot plate and magnetic stirrer. 

The solvent (chloroform) boiling temperature was set as 610C and cool air was passed to 

compensate the heat produced at the oil bath. The solution in the flask was stirred for about 6 

hours. During refluxing, the algae lipids were ruptured due to continuous heating with the solvents. 

Then the contents were allowed to cool for few hours and filtered to separate the biomass. The 

biomass was washed with 30ml of chloroform to extract the remaining lipids from the biomass. 

The lipids extracted were merged and taken in a separating funnel, as shown in Figure 47. Then 

these lipids were washed with 1% aqueous solution of sodium chloride (50ml) to remove any water 

content present in the solution. 
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2 
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                       (a)                                           (b)                                                     (c)                 
Figure 49. a) Separating funnel with liquid medium containing lipids, solvents and sodium 

chloride b) water content is being removed c) Separating funnel with solvent and lipids (oil) 
 
Thus obtained solvent and lipid mixture was passed through sodium sulphate and the solvent was 

made to evaporate completely using Rotavapor under vacuum to get the algae oil. The weight of 

the obtained algal oil was calculated to determine the oil content in the spirulina biomass.  

Raw biomass- 5grams 

Oil content obtained-1.8grams 

Total yield= ( oilcontent

rawbiomass
) ∗ 100 

(
1.8𝑔𝑟𝑎𝑚𝑠

5𝑔𝑟𝑎𝑚𝑠
) ∗ 100 = 36% Of the oil obtained. 

A total of 36% of algal oil, shown in the Figure 49, was obtained for 5 grams of dry spirulina 

powder. The high increase in the oil content is due to stressing the microalgae culture. The stressing 

helps the membrane of the algal cells to degrade inside each cell, which in turn recycles the 

membrane lipids into oil. 
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Figure 50. Rotavapor used in the present study.  

This equipment shown in the Figure 48 was used to carry out single-stage distillation at high 

speeds. The principle is based on evaporation and condensation of the solvents using a rotary drive 

to which a rotating flask was attached and operated under vacuum. Firstly, the rotating flask (1) 

was attached to rotary drive, (2) which enables uniform rotation of the flask. Then the flask was 

adjusted to place it in water bath (6). The temperature for water bath was set accordingly. The 

solution was heated by hot water bath. A thin film of solvent was formed on the rotating flask, 

resulting in a high rate of evaporation. The vapors of solvents flow at high speed into the cooling 

zone (condenser) (3). The condensed solvent was collected in a collecting flask (4). The main 

purpose of the vacuum (5) was decrease the boiling temperature and increase the efficiency of the 

process. 
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Figure 51. Extracted algae oil produced from this study.  

3.3.10 NMR Tests 

 1H NMR (Nuclear Magnetic Resonance) analysis of the spectrum of algae extracts was 

done to find out required information regarding the presence of polar and neutral lipids and also 

different types of fatty acid components. The major purpose of this test was to find out DHA and 

α –linolenic or γ-linolenic compounds. This test was carried out in a Varian Inova 400-MHz 

spectrometer, located at Department of Chemistry (WSU), andis shown in Figure 50. The magnet 

being used in it is a Bruker Spectrospin magnet. The spectrometer was equipped with a 5-mm 

broadband probe. Tests were set up by dissolving 60-70 mg of algal oil in hexane as an interior 

reference. The solution was filtered to evacuate any suspended particulates before stacking into 5 

mm width NMR tubes. 1H spectra were procured with a 450 pulse angle, acquired time of 2.731 

sec, relax, with a delay of 1.00 sec, and a clear width of 5999.8 Hz crosswise over 32 repetitions. 

Total time taken for the sample to run was 1 minute. The temperature maintained throughout the 

process was 250C/298.1 K. 

 13C NMR analysis was carried out to find out the information regarding the presence of 

unsaturated fatty esters and epoxy esters, especially the presence of mono, di and tri glycerides. 



83 
 

This test was carried out in a Varian Inova 400-MHz spectrometer, located at Department of 

Chemistry (WSU), andis shown in Figure 50. The magnet being used in it is a Bruker Spectrospin 

magnet. The spectrometer was equipped with a 10-mm broadband probe. Tests were set up by 

dissolving 60-70 mg of algal oil in hexane as an interior reference. The solution was filtered to 

evacuate any suspended particulates before stacking into 10 mm width NMR tubes. 1H spectra 

were procured with a 450 pulse angle, acquired time was 1.303 sec, relax, with a delay of 1.00 sec, 

and a clear width of 25141.4Hz crosswise over 21772 repetitions. Total time taken for the sample 

to run was 13.9 hours with a power of 32 dB. The temperature maintained throughout the process 

was 250C/298.1 K. 

 

Figure 52. Varian Inova 400MHz for NMR analysis of Algae oil 
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3.3.11 FT-IR Analysis 

 Additional functional group information was obtained through FT-IR spectroscopic data. 

Usually, the FT-IR spectra of oils show five major peaks describing the stretching, bending, and 

double-bond absorption of the sample. The primary use of FTIR spectroscopy is it measures the 

ability of the sample to absorb light at different wavelengths. The equipment used here was 

Nicolet™ Avatar™ FT-IR Spectrometer is shown in Figure 51, located at Department of 

Chemistry (WSU), equipped with an attenuated total reflectance (ATR), and it offers an analysis 

that can collect data for reporting the results. Algae oil sample was diluted with solvent hexane 

and hand-agitated gently. The solution was placed into a glass tube and mounted on slot provided 

in FT-IR Spectra were collected from 3500-500 cm-1 with 0.98-cm-1 resolution. 

 The software that was being used in FTIR is EZ-OMNIC which creates a database of 

spectra in many formats through an ideal combination of interpretation algorithms and scientific 

documentation. The wavelength to %transmittance was calculated for the samples in this 

experiment. The equipment was calibrated using hexane as reference. Algae oil was applied on 

thin film and exposed to air to remove any traces of solvent. 

                                
                                   (a)                                                                                  (b)                           

Figure 53. a) Slot where the sample is mounted b) Nicolet™ Avatar™ FT-IR Spectrometer 
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3.3.12 Ultra-Sonication 

 The primary purpose of this technique is to make algae oil in water emulsions. The 

emulsions obtained here were nanoemulsions. Ultra-sonication ruptures the cells of algae oil and 

decreases cell size. The sonication of algae oil and water with a surfactant added ensures proper 

Nano-emulsion. The device used in this process was 130 watt Sonics Vibracell Ultrasonic 

Processor with timer and pulser.is shown in the Figure 52. As nanoemulsions were formed by 

applying ultra-sonication technique to 25% of algal oil and 75% of water added SDS (surfactant), 

the system can be considered as oil in water nanoemulsion (O/W), due to the water dominance in 

the system. 

Sample preparation for constant concentration with varying sonication time. 

The materials used were, Sodium dodecyl sulfate (SDS) as surfactant, Algae oil, and RO (Reverse 

Osmosis) water. With constant concentration of 0.2% wt. of SDS and varying sonication time, the 

Nano emulsions were formed. 

Calculations: 

 Preparation of RO water solution with SDS 

 RO water solution = 100grams 

        - (0.002*100) = -0.2 grams of SDS 

         = 99.8 grams of RO water 
    0.2 grams of SDS 

    100 grams of SDS solution in RO water 
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 Sample Preparation for Emulsion for 15 grams of RO water 

 0.002*15 grams of RO water = 0.03 grams of SDS 

               = 14.97 grams of RO water 

                  15.00 grams of RO and SDS solution  

                         +    5.00 grams of oil 

                   20.00 grams of total sample 

 In this way eight samples were prepared: four of them were of 0.2% wt. of SDS in RO 

water and sonicated for about 2.5,5,10 and 20 minutes respectively. The other four samples were 

prepared with change in concentration of SDS; 0%,0.1%,0.2% and 0.4% of SDS concentration 

diluted in 100 ml of water respectively, and then the obtained solution (20 grams), SDS solution 

in water to algae oil (3:1) was taken and sonicated at a constant time of 10 minutes. A 6mm probe 

was used with an amplitude of 20% and one second on and off pulse was maintained. 

                                         
               (a)                                                        (b)                                                  (c)                  

Figure 54. a) Algae oil in SDS solution b) Sample during sonication c) Electronic display of the 
parameters which needs to be set manually.
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3.3.13 UV-vis Spectroscopy 

 Ultraviolet-visible spectroscopy also named as ultraviolet-visible spectrophotometer (UV-

vis) was used to find out the absorption of any liquid with varied wavelength. The apparatus shown 

in Figure 53 Hitachi U-2900 spectrophotometer was used for the analysis in this report. Seven 

nanoemulsion samples were obtained after the process of Ultra-sonication. All of them, including 

algae oil samples, were tested under UV-vis spectrophotometer to find the absorption of each 

sample. The first step performed was setting a base line. As the algae oil can be dissolved in 

hexane, hexane was taken in a cuvette to set a base line. Then, in another cuvette, algae oil was 

dissolved in hexane and tested for absorbance with hexane as base line. Software named COM2 

was used in spectrophotometer to find absorbance with respect to wavelengths. The same 

procedure was applied to nanoemulsions, but here the base line was taken with the help of water. 

Each sample was placed and absorbance was calculated accordingly and the respective graphs 

were taken. 

 
                                                 (a)                                                  (b)                  
 

Figure 55. a) Plastic Cuvette b) Slots where the samples were placed for analysis
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in Base 
line slot 

Cuvett
e with 

Sample 



88 
 

3.3.14 Dynamic Light Scattering Analysis 

 This equipment was used to find droplet size of the emulsions even in submicron region. 

The equipment can measure particle sizes of less than 1nm. Another use was to find the 

characterizations of particles, polydispersity index of nanoemulsions, which were diluted in a 

liquid. Brownian motion of particles that are suspended influences the laser light to be scattered at 

varying intensities. The light scattering can be varied due to changes in parameters like refractive 

index, concentration and viscosity of the emulsions. The particle size distributions for seven 

samples of nanoemulsions were carried out in Zetasizer Nano S, Malverin Instruments Dynamic 

Light Scattering (DLS) for analysis in the report is shown in the Figure 54. 

a)                                           b)       

c)  
 

Figure 56. a) Zetasizer Nano S, Malverin Instruments Dynamic Light Scattering b) Slot where 
the nanoemulsion sample was placed c) Six samples of nanoemulsion (dil.)
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The parameters like viscosity, absorption, refractive index, dielectric constant were calculated for 

algae oil and each of nanoemulsion samples respectively. These parameters were entered in the 

software used to run DLS for analyzing each sample individually. 

3.3.15 Optical Microscopy 

 Axiom Imager upright microscope shown in the Figure 55 was used to take microscopic 

images of the six nanoemulsions and algae oil. The samples were put on a high purity quartz glass 

SDU plate and placed under the lens of microscope. With the propelled pyramid and particular 

outline, the Axio Imager magnifying instrument joins time-tried standards in magnifying 

instrument development. The microscope is accessible in nine standard renditions (five manual 

and four mechanized models). Six nanoemulsion samples were examined under upright 

microscope. Each sample was examined and the magnification used was 50 X, 100X, 200X. For 

almost all samples gray scale photographs were taken. This was done to ensure proper view of 

bubble distribution. The sample was placed under the lens and the software AXIO CAM 

supporting the device was opened. Then the samples were adjusted to match the light coming from 

the lens. The bubble formations were clearly observed by adjusting the transmitted light brightness. 

This brightness adjustment varies from one sample to other and also varies for different 

magnifications. Binocular eye pieces’ inter-ocular distance was adjusted accordingly. Snap shots 

were taken for each sample with varying magnifications to identify proper bubble distributions of 

the nanoemulsions. 
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                        (a)                                                                                                   (b)   
 

Figure 57. Figure: a) Optical Microscope b) sample placed on high purity quartz glass plate 
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CHAPTER 4 

 
RESULTS AND DISCUSSION 

 
 
4.1 NMR Spectral Analysis of Algae Oils. 

 
 The spectral analysis of algae oil of spirulina biomass using NMR technique was done for 

analyzing the neutral lipids, triglycerides, fatty acids and polar lipids. Minor components like 

hydrocarbons and sterols have been reported in detail. The 1H NMR analysis of algae oil extracted 

from spirulina biomass is shown in the Figure 56. As shown in the figure, the spectra of algae oil 

shows signal attributes of triglycerides. These triglycerides consist of saturated and unsaturated 

long alkyl chain fatty acids were marked in the spectra for evaluating the spectral attributes. 

Spectra also shows the signals of functional groups of esters (OCH, sn2; OCH2, sn1 sn2), 

unsaturation (CH=CH), carbonyl group of (CH2C=O). The spectral signals at 4.30 to 5.10 ppm, 

and 4.20 to 3.20 ppm were assigned to protons to ensure OCH2 and OCH ester groups. CHOH and 

CH2OH groups were assigned for the glycerol part of phospholipids. But these signals were not 

observed for spirulina algae oil sample. Almost all glycerides (mono, di and tri) were depicted in 

the regions between 4.10 to 4.4 ppm. 

 The region between 0.89-0.91 ppm was considered to be PUFAs, as there was a depiction 

of three or more than three double bonds and CH3 bonds. This was divided from the terminal CH3 

at 0.87 ppm because of saturated (C18:0, C16:0, C14) or unsaturated (C18:1, C18:2) compounds. 

The spectra of algal oil also depicted some low intense signals at 2.38 and 2.40 ppm (CH2C=O), 

and 2.7-2.8 ppm, due to bis allylic (-CH=CH-CH2) n differentiated to signals at 2.23 to 2.36 ppm 

(CH2C=O). These signals depict long alkyl fatty acid compounds and were assigned as C22:6. The 

chemical shift region from 2.44 to 2.70 was marked as epoxy ester (EE) (Epoxy Ester) and was 

assigned to epoxy groups of DHA type of components. The spectrum depicts no/very weak signals 
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between 5.5-7.0 ppm correlated with unsaturated protons. The spectrum doesn’t depict any signals 

between 0.5-0.6 ppm which denotes sterols (CH3S). 

 The 1H NMR analysis of algae oil extracted from spirulina biomass have intense signals 

from 2.44 which represents DHA and confirmed the presence of properties that were eligible for 

food grade oil and a small peak at 4.19 confirmed the presence of FAME(fatty acid methyl ester). 

It has been proved that the algae oil under analysis consists of DHA and some traces of FAME, 

so, on performing 1H NMR analysis of algae oil, it proved the algae oil is eligible for its use in 

emulsions and can be converted into biodiesel with implementation of transesterification process. 

 

Figure 58. 400MHz 1H NMR analysis of algae oil extracted from spirulina biomass 
 
EE= Epoxy Ester, TG= Tri Glycerides, DHA=docosahexaenoic acid 

4.2 FT-IR Analysis 

 After NMR analysis, FT-IR analysis of algal oil extracted from spirulina biomass was 

performed to study additional functional group information which qualifies the algae oil for further 
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intended use. FT-IR analysis, which was done on Nicolet™ Avatar™ FT-IR Spectrometer, 

enabled more complex information and comparison of total oil functional group characteristics 

with spectral band assignments to be gained, and is shown in the Figure 57. Five volatile 

compounds, which were commonly found in spectra of bio-oils, were also found in the algae oil 

analysis.  

 

Figure 59. FT-IR spectra of algae oil 

The spectra at peak 3389 cm-1 was assigned as cis-isomer. Similar to NMR analysis, the high 

carbon and hydrogen content of algae oil produced leading C-H stretch at (3004.35-2854.79 cm-

1), CH2 bending at 1459.11 cm-1 , and CH3 bending at 1372.22 cm-1. Prominent heteroatom 

functionality was observed at range of (1745.97-1163.49 cm-1). A strong C=O stretch was obtained 

at 1745.97 cm1. The algae oil spectra was distinct with respect to other biologically obtained oils, 

3389 
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as they form a strong alkane peak at (3000-2850 cm-1) and also exhibit weak heteroatom related 

peaks related to higher hydrocarbons. 

Five bonds that appear in bio-oils: 

 C=O: carbonylic compounds are esters in the spectra. So, spectra shown peak at 1745.97 

cm-1 

 C-O-C (ethers): Spectra shows the stretching band between 1200-900 cm-1 

 C-H:  The spectra forming these stretches describe the characteristics of absorption bands 

As shown in the FT-IR spectra above, 2925.71 and 2854.79 cm-1 represents the non-

symmetric and symmetric modes of methyl groups 

 CO2: The signals in the spectra depicted this bond at 722.69cm-1 

 H2O: This band of adsorption can be observed in the spectral range of 1800-1200cm-1 

These are the commonly observed bonds in all bio-oils.  

4.3 Ultra-sonication Technique 

 Ultrasonic technique was implemented on seven samples which were prepared earlier. The 

first set of samples (constant concentration with varying sonication time) was sonicated with ultra-

sonic device. Usually, this technique was used to rupture large microscale droplets into nanoscale 

droplets. In spite of their metastable nature, nanoemulsions can be stable over many months or 

even years. The stable nature of the emulsions here were due to the addition of surfactant SDS. 

Figure 58 shows the nature of nanoemulsions. 
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                        (a)                                                 (b)                                               (c) 
 
Figure 60. Ultra-sonication of 0.2% SDS in water + algae oil: (a) 2.5 min, (b) 5 min, and (c) 20 

min.  

As these emulsions were formed by applying mechnical shear (ultrasonication) to continous phase, 

these emulsions were known to be metastable emulsions and the process performed is known as 

emulsification. In general, when the concentration of oil in water or water in oil is more than 15%, 

the turbidity becomes dominant, making the entire system unclear. The above three samples with 

same concentration were sonicated for three difeerent time durations (2.5,5,20 minutes). On 

observing the three samples, all of them were metastable and there was no sight of oil and water 

separation layer. The above mentioned samples were stable emulsions with no immiscible portion. 

The emulsion remained stable for many days with no change in its physical appearance. 

 Another set of samples (with varying concentration of SDS: 0%, 0.1%wt, 0.2%wt, 0.4% 

and constant sonication time of 10 minutes) were sonicated. Figure 59 shows the nature of the 

nanoemulsions. Sample A in the figure was a mixture of 0.1 wt% SDS in water and algae oil; there 

was no seperation layer of oil and water but the emulsions were suspended as drops. The sample 

with 0.4 wt% SDS was stable in appearance and can be characterized as constrained emulsions. 

The sample wit 0% SDS, when sonicated, turned up as an emulsion. But after settling it for 24 

hours without disturbing, the oil layer and water became seperated. It was proved that the alage oil 

has no self-surfactant nature and cannot form nanoemulsions without the addition of an surfactant. 
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This sample cannot be used for futher processing The inner view of the emulsion seperation layer 

is shown in the Figure 60. 

           
                        (a)                                                  (b)                                            (c)                     

Figure 61. Ultra sonication of samples with constant sonication time of 10 minutes with varying 
concentration of SDS (wt. %) a) 0.1% b) 0.4% c) 0%. 

  

                                  
                        (a)                                                                                      (b)                              
 
Figure 62. a) Stable Nanoemulsion b) Unstable nanoemulsion with oil and water separation layer
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Figure 63. Nanoemulsion Sample (0.2% SDS in water added to algae oil) 
 
Likewise other nanoemulsions, the sample in the Figure 61 was also meta-stable. This sample 

holds way better properties than other samples. The insecurities in the emulsions like suspension 

as drops, bead addition to form bigger beads, and cream formation is not observed during a period 

of 15 days. It was not highly viscous in nature with a good refractive index of 1.365. The physical 

appearance of the sample was examined over a period of 15 days and was found out to be same 

with refractive index of 1.365.  

4.4 UV-vis Studies 

 Six nanoemulsions which were prepared earlier through ultra-sonication were studied 

under UV-vis spectrophotometer. The studies were done to find the % absorbance for each sample. 

When material absorbs the light, valence electrons are shifted from their ground states to excited 

states. UV-vis spectroscopy studies were done in the wavelength region of 200-400nm (UV 

region) and 400-800nm (Visible region). Firstly, UV-vis was carried out to know the absorption 

of algae oil over a range of 200-1000nm. The maximum absorption 2.369 was found at 275 nm, 

and standing next to it was 370nm with an absorbance of 2.234. Due to the green color appearance 

of the algae oil, spectrophotometer has detected a peak at 549nm with an absorbance of 0.348. The 

region between 500-560nm ranges was considered to be the absorbed green color region. On 
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observing the absorbance values in the graph of algae oil, as shown in the Figure 62, it was much 

similar to bio-oils and it can be a qualified oil for further analysis. 

 

Figure 64. UV-vis absorption spectroscopy of algae oil 
 
UV-vis studies for nanoemulsions.with varying SDS wt% in water on 10 min. sonication  

 

Figure 65. UV-vis Graph of nanoemulsions with varying SDS concentration 
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 Nanoemulsions prepared earlier were studied to find out the absorbance characteristics of 

each sample. Unlike algae oil, its nanoemulsions were much observed in visible region. As there 

were three different samples, each sample was studied seperately, as shown in Figure 63. The 

absorbance of nanoemulsion sample formed with 0.1wt% SDS in water and algae oil was found 

to be of maximum absorbance 2.945 at a wavelength of 447nm (λmax= 447nm). The nanemulsion 

sample with 0.2 wt% SDS in water and algae oil was observed for maximum absorbance and found 

to be at 2.63 with wavelength of 346nm. The other nanoemulsion sample with 0.4 wt% SDS in 

water and algae oil was also analyzied for absorbance and maximum absorbance was recorded as 

2.6 at wavelength 344nm. On comapring all three samples, the nanoemulsion with 0.1 wt% SDS 

was quite high in absorption relative to the other two samples. The other two samples were 

consistent and exhibit much similar characterstics in terms of wavelenght and absorbance. 

UV-vis studies for nanoemulsions.with constant SDS wt% in water on varying sonication time  
 

 
 

Figure 66. UV-vis graph of nanoemulsions with varying sonication time 
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Similar to the time concentration graphs, these nanoemulsions were also much observed in the 

visible region. As there were four different samples , each sample was studied seperately, as shown 

in Figure 64. The absorbance of nanoemulsion sample formed with 0.2 wt% SDS in water and 

algae oil with a sonication time of 2.5 minutes was found to be of maximum absorbance 2.63 at a 

wavelength of 346nm (λmax= 346nm). The nanemulsion sample with 0.2 wt% SDS in water and 

algae oil with sonication time of 5 min was observed for maximum absorbance and found to be at 

2.542 with wavelength of 347nm. The other nanoemulsion sample with 0.2 wt% SDS in water and 

algae oil and sonicated for 10minutes was also analyzied for absorbance and maximum absorbance 

was recorded as 2.60 at wavelength 344nm. The last sample of 0.2 wt% SDS in water and algae 

oil with a sonication time of 20 minutes was observed for maximum absorbance and found at 

wavelength 305 with absorbance of 2.610. On comparing the results, all the nanemulsion samples 

have closer absorbance rates, but they vary in wavelengths. These results were more consistent 

than samples with varying SDS concentration. By comparing both concentration varying samples 

and different sonication time samples, it was found out that the concentration of SDS in water and 

oil prepared nanoemulsions have great effect in absorbance. 

4.5 Dynamic Light Scattering Technique 

 Nanoemulsions which were prepared earlier were characterized to determine the droplet 

size of the nanoemulsion samples. This measurement was made with the technique of dynamic 

light scattering (DLS). In order to run the DLS, the parameters like viscosity, absorbance, and 

dielectric constant for each nanoemulsion sample were measured. The fluctuations in the intensity 

of the nanoemulsion particles were analyzed. It also gives Z-average particle diameter. 
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4.5.1 Refractive Index 

  The refractive index of algae oil (raw) is 1.467, and its emulsions with water and diluted 

emulsions were calculated using Reichert r2 mini digital Refractometer. 

Refractive Index of Algae Oil in Water Emulsions (Concentrated) 

TABLE 8 
 

RI OF MATERIAL WITH CHANGE IN CONCENTRATION OF SURFACTANT WITH 
CONSTANT SONICATION TIME (10 MINUTES) 

 
Material Refractive Index 

Algae oil (raw) 1.4697 

0%sds +water + alage oil N/A 

0.1%sds + water+algae oil 1.357 

0.2%sds+ water+algae oil 1.365 

0.4%sds+ water+algae oil 1.37 

 

TABLE 9 
 

RI OF MATERIAL WITH CHANGE IN SONICATION TIME WITH CONSTANT 
CONCENTRATION OF SURFACTANT (0.2%WT+ALGAE OIL+WATER) 
 
Sonication Time Refractive Index 

2.5 min. 1.3667 

5 min. 1.3666 

10 min. 1.365 

20 min. 1.366 
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Refractive index of algae oil emulsions after dilution in water. 

0.25ml of emulsion + 4.75 ml of water was mixed for finding the refractive index. 

0.25/5 * 100 = 5% 

So, 5% of emulsion was added to 95% of water and refractive index was found. 

TABLE 10 
 

RI OF DILUTED SAMPLE WITH CHANGE IN CONCENTRATION OF SURFACTANT 
WITH CONSTANT SONICATION TIME (10 MINUTES) 

 
Material Refractive Index 

0%sds +water + alage oil N/A 

0.1%sds + water+algae oil 1.3349 

0.2%sds+ water+algae oil 1.3347 

0.4%sds+ water+algae oil 1.3349 

 

TABLE 11 
 

RI OF DILUTED SAMPLE WITH CHANGE IN SONICATION TIME WITH CONSTANT 
CONCENTRATION OF SURFACTANT (0.2%WT+ALGAE OIL+WATER) 

 
Sonication time Refractive Index 

2.5 min. 1.3345 

5 min. 1.3358 

10 min. 1.3347 

20 min. 1.3348 

 
4.5.2 Dielectric Constant 

 The dielectric constant of water at 200 C was found to be 80.4 

 The dielectric constant of algae oil at 200C was 3.10 (much similar to rape seed oil). 

Calculation of dielectric constant for the emulsions (concentrated) by v/v ratio method 

15 ml water was added to 5ml algae oil and sonicated. 
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75% of the water used, so, 75% of 80.4 = 60.3 

25% of the oil used, so, 25% of 3.10=0.775 

  Total     = 61.075 for the emulsions. 

Calculation of dielectric constant for the emulsions (diluted) by v/v ratio method 

4.75 ml of water was added to 0.25 ml of concentrated emulsion. 

95% of the water used, so, 95% of 80.4 =   76.38 

5% of the concentrated emulsion, so, 5% of 61.075 = 3.0537 

                                                           Total  =79.4337 for the diluted emulsions. 

 On giving all the values of absorption calculated from UV-vis technique, refractive index 

values, which are shown in Tables 8, 9, 10, 11 and dielectric constant, in the software provided for 

DLS technique, the range of the particle size was determined. DLS technique was carried out for 

nanoemulsion samples directly and also on diluting them. Firstly, the undiluted nanoemulsion 

samples were assessed for particle size. Nanoemulsion sample with 0.1 wt. % SDS in water and 

algae oil was assessed for particle size and found to be diameter of 23.72nm with intensity of 

63.8% and particle width of 16.42nm is shown in Figure 66. The sample with 0.2 wt. % SDS in 

water and algae oil was assessed. The particle size obtained was of 17.92nm diameter with 100% 

intensity and a particle width of 13.79nm is shown in the Figure 65. The nanoemulsion sample 

with 0.4 wt. % SDS in water and algae oil was assessed. The result obtained was 10.29 nm in 

diameter with 87.2% intensity and particle width of 3.997nm. The next set of samples was assessed 

of constant concentration with varying sonication time. The nanoemulsion sample with 0.2 wt. % 

SDS sonicated in 2.5 min was assessed for particle diameter and the observed result was 5.194nm 

diameter with77.2% intensity for the peak 1 and 119.8nm diameter with 22.8% intensity for the 

peak 2. The results observed for nanoemulsion sample with 5 min sonication time were 12.89nm 
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diameter of particle with 93.1% intensity and 4.418nm particle width, as shown in the Figure 67. 

The final sample with sonication time of 20 min was assessed and found an uneven result, with a 

particle diameter of 6.720nm with 82.1% intensity and particle a width of 2.77nm. The figures for 

other samples are shown in the appendix. 

 On observing and comparing all results which were obtained with the nanoemulsion 

samples which were not diluted, the results obtained for half of the samples were unstable/ 

inconsistent, as the solutions that were prepared for DLS should be clear or hardly hazy. All some 

of the nanoemulsion samples were cloudy, so the results obtained were unstable as DLS cannot 

measure samples that are too hazy. Nanoemulsion sample with 0.2% SDS and a sonication time 

of 10 min, shown good results with only one peak and diameter 17.92 with 100% intensity and 

particle width of 13.79nm. The Z-average was estimated as 11.21. 

 
 

Figure 67. DLS Graph of 0.2%SDS in water and algae oil sonicated for 10 min (Before dilution) 
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Figure 68. DLS Graph of 0.1 wt. % SDS in water and algae oil sonicated for 10 minutes (Before 
dilution) 

 

 

Figure 69. DLS Graph of 0.2 wt. % SDS in water and algae oil sonicated for 5 minutes (Before 
dilution) 

 
In order to achieve stable measurements from DLS, each sample was diluted with 5% emulsion 

and 95% RO water. Firstly, the undiluted nanoemulsion samples were assessed for particle size. 

Nanoemulsion sample with 0.1 wt. % SDS in water and algae oil was assessed for particle size and 

found to be diameter of 14.19nm with intensity of 100% and particle width of 10.98nm is shown 
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in the Figure 68. The sample with 0.2 wt. % SDS in water and algae oil was assessed. The particle 

size obtained was of 17.92nm diameter with 100% intensity and a particle width of 13.79nm. The 

nanoemulsion sample with 0.4 wt. % SDS in water and algae oil was assessed. The results obtained 

were diameter of 11.53 nm with 100% intensity and particle width of 13.88nm, as shown in Figure 

69. The next set of samples was assessed of constant concentration with varying sonication time. 

The nanoemulsion sample with 0.2 wt. % SDS sonicated in 2.5 min was assessed for particle 

diameter and the observed result was a diameter of 11.26nm with 100% intensity for the peak 1 is 

shown in Figure 70. The results observed for nanoemulsion sample with 5 min sonication time 

were diameter of particle at 8.058nm with 97.9% intensity and 5.807nm particle width at peak1 

and a diameter of 2418nm with 1.8% intensity and particle diameter of 1457nm. The final sample 

with a sonication time of 20 min was assessed and found an uneven result. Particle diameter of 

7.484nm with 97.1% intensity and particle width of 4.382nm at peak1 and diameter of 3000nm at 

peak 2 with 2.9% intensity. The figures for other samples are shown in the appendix. 

 
 

Figure 70. DLS Graph of 0.1% SDS in water and algae oil sonicated for 10 minutes (After 
dilution) 
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Figure 71. DLS Graph of 0.4 wt. % SDS in water and algae oil sonicated for 10 minutes (After 
dilution) 

 

 

Figure 72. DLS Graph of 0.2 wt. % SDS in water and algae oil sonicated for 2.5 minutes (After 
dilution) 
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 By considering all results obtained before and after dilution of nanoemulsion samples, the 

nanoemulsion samples with 0.1, 0.2, 0.4 wt. % SDS in 10 minutes sonication time and 0.2% SDS 

in 2.5 minutes were tend to be thermodynamically stable as their particle size was between 10-

50nm. The remaining samples were termed as non-equilibrium emulsions due to their varying 

particle sixes. Out of all samples, the nanoemulsion sample with 0.2% SDS in 10 minutes 

sonication time was recorded as optimum result with a particle diameter of 17.92nm with 100% 

intensity and particle width of 13.79nm. These type of nanoemulsions were promising as they were 

thermodynamically stable and remain stable for long time. These kind of nanoemulsions were non-

toxic which can be used in drug delivery and also for therapeutic purposes. 

4.6 Optical Microscopic Images 

 As the nanoemulsions were prepared on applying a shear force using ultra-sonication 

technique, bubbles were formed in the emulsions. There was no sign of particles that can be 

observed in the images of optical microscopy as the particle size was reduced to a range of 10-

30nm, which optical microscope cannot detect. But, nanoemulsions formed due to ultrasound 

output, the bubbles were formed in the emulsions. If the ultrasound output increases, the overall 

number of bubbles that were formed also increases. The count of bubbles on the size of 1µm 

increases with increase in sonication time. 
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                            (a)                                                (b)                                              (c)                
 
Figure 73. 50X Magnification, Optical microscopic images of Nanoemulsions obtained with 10 

minutes sonication time and with a)0.1% SDS b)0.2%SDS c)0.4% SDS in water 
 

                        
                           (a)                                                                                   (b) 

 
Figure 74. 100X Magnification, Optical microscopic images of Nanoemulsions obtained with 10 

minutes sonication time and with a)0.2%SDS b)0.4% SDS in water 
 

        
                                         (a)                                                                   (b) 

 
Figure 75. 200X Magnification, Optical microscopic images of Nanoemulsions obtained with 10 

minutes sonication time and with a)0.1% SDS b)0.4% SDS in water 
 
The above photographs were taken of optical microscope to taken to observe any traces of 

nanoemulsion particles. There were no particles found at this microscopic level, but formations of 

Bubbles 

Bubbles 

Bubbles 

Bubbles 

Bubbles 

Bubbles 
Bubbles 
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coarse bubbles were observed in the Figures 71, 72 and 73. Almost all bubbles were of same size 

in appearance, as the sonication time for all the above samples was unchanged and remains the 

same. 

a) b) c)  

Figure 76. 50X Magnification, Optical microscopic images of Nanoemulsions obtained with 0.2 
wt. % SDS and water with sonication time a) 2.5min b) 5min c) 20min 

 
 

           
                    (a)                                                    (b)                                                  (c)                    
 
Figure 77. 100X Magnification, Optical microscopic images of Nanoemulsions obtained with 0.2 

wt.% SDS and water with sonication time a) 2.5min b) 5min c) 20min 

 

            
                                          (a)                                                                   (b)  
 
Figure 78. 200X Magnification, Optical microscopic images of Nanoemulsions obtained with 0.2 

wt.% SDS and water with sonication time a) 2.5min b) 5min 

Bubbles 

Bubbles 

Bubbles 

Bubbles 
Bubbles 

Bubbles 
Bubbles 
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Unlike the bubble formation of nanoemulsions with varied surfactant, the samples with different 

sonication times tended to form larger coarse bubbles which were observed in the Figures 74,75 

and 76. The size of the bubbles increases with increases in sonication time. Finally, pptical 

microscopic images studies states that nanoemulsions with the particle diameter less than 100nm 

would produce small bubbles, which can be observed optically. Bubbles were measured using echo 

amplitude methods as they were echogenic. 
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CHAPTER 5 

 
CONCLUSIONS 

 
 

  Spirulina alga was successfully cultured in a ten gallon tank while maintaining the culture 

conditions. The lipid content was increased by growing microalgae in stressful conditions under 

low light and low nutrient supply. The easiest and most cost effective technique of harvesting the 

culture was implemented to collect the algae biomass. The sun dried biomass was powdered, thus 

the obtained spirulina powder can be used as a food supplement due to its high protein content, 

rich source of antioxidants, and many other nutrients. 

 The powdered algae was extracted for lipids with solvent extraction technique. 36% of the 

algal oil was recovered from the spirulina biomass. The residual biomass cake can be used as 

animal feed stock. 1H NMR and FT-IR analysis of algae oil obtained was done to assess the 

functional groups, triglycerides and fatty acids. These analyses were successful in finding DHA 

content in oil and proved that algal oil was legible and can be used as food grade oil with a few 

alterations. Thus, the algal oil was qualified to make further analysis.  

 Nanoemulsions were formed with the help of ultrasonic techniques using different 

concentrations of surfactant (SDS) in water and algal oil. The physical appearance of the 

nanoemulsion has proved that algal oil does not possess self-surfactant property. Due to the high 

concentration of oil in water, turbidity was dominant and made the system unclear. The optimum 

absorbance of nanoemulsions was calculated from UV-vis test to be 2.60 at a wavelength of 

344nm. The UV-vis study suggests that due to the good absorption rate of nanoemulsions, those 

can be used to avoid UV radiation problems on human skin. The particle diameter of the oil sample 

was successfully reduced with nanoemulsions. 0.2% SDS in 10 minutes sonication time was 



113 
 

recorded as optimum result with a particle diameter of 17.92nm with 100% intensity and particle 

width of 13.79nm. All samples with constant sonication time were found to be thermodynamically 

stable. Finally, optical microscopic images studies states that nanoemulsions with the particle 

diameter less than 100nm would produce small bubbles which can be observed optically. 

 From these studies, it was concluded that the nanoemulsions were metastable and possess 

good particle size, which makes them available to use them in many useful food applications. 

These algal oil nanoemulsions can be processed and used as algae oil- nriched milk, which remains 

stable for over 10 weeks. The bioavailability of algal oils can be enhanced by nanoemulsions of 

the oil in yogurt as a food medium. Nanoemulsions can be used as cutting fluid in lathe machines. 

Some other applications of nanoemulsions include cosmetics, as Mucosal Vaccines, in Cell 

Culture Technology, sunscreen formulations, anti-aging products, and as drug delivery systems. 
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CHAPTER 6 

 

FUTURE WORK 

 
 
 Algal oil nanoemulsions can be processed and used as algae oil-enriched milk, which 

remains stable for over 10 weeks. The bioavailability of algal oils can be enhanced by 

nanoemulsions of the oil and in yogurt as a food medium. Some other applications of 

nanoemulsions include cosmetics, as Mucosal Vaccines, in Cell Culture Technology, sunscreen 

formulations, anti-ageing products, and as drug delivery system. 

 Nanoemulsions can be formed with different concentrations of surfactants and algal oil. 

The formation and stability of these emulsions can be studied for their usage in blends of diesel, 

which improves the efficiency of engines. 
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DLS GRAPHS 

 
 

 
 

Figure A1: DLS graph of 0.4 wt. % SDS in water and algae oil sonicated for 10 minutes (before 
dilution). 

 

 
 

Figure A2. DLS Graph of 0.2 wt. % SDS in water and algae oil sonicated for 2.5 minutes (Before 
dilution 
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Figure A3. DLS Graph of 0.2 wt. % SDS in water and algae oil sonicated for 20 minutes (Before 

dilution) 
 

 
 

Figure A4. DLS Graph of 0.2 wt. % SDS in water and algae oil sonicated for 5 minutes (After 
dilution) 
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Figure A5. DLS Graph of 0.2 wt. % SDS in water and algae oil sonicated for 20 minutes (After 
dilution) 


